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Abstract 
 

Isolated environments can lead to unique biodiversity; however, endemic taxa are 

often evolutionarily vulnerable to disturbance. While considered very different, 

both Antarctica and New Zealand face this challenge. To protect these ecosystems, 

we must first monitor them to assess whether a change falls within the average flux 

or is the consequence of disturbance. Monitoring programs should utilise various 

tools to account for biases and ensure that data accurately represents the ecosystem.  

The development and integration of new technology for monitoring species can 

improve the resolution of datasets. One method that is increasingly investigated for 

ecosystem surveillance is Environmental DNA (eDNA). I suggest eDNA is utilised 

to monitor both Antarctica and New Zealand's endemic fauna. To assess current 

Antarctic applications, I reviewed the literature on eDNA. While microbiologists 

have applied eDNA methods extensively, few papers targeted Antarctic vertebrates. 

I highlight recent developments in population genetics and portable sequencing 

technologies and discuss how these methods could apply to Antarctic research. As 

technology and methods develop, so too will the potential for non-invasive 

monitoring of polar fauna. I identified Orcas (Orcinus orca) and Weddell seals 

(Leptonychotes weddellii) as potential target species for future population genetic 

trials in Antarctica. Thus, my second study investigated Antarctic snow samples as 

a source of Weddell seal DNA. The snow was collected from a single seal imprint 

at the Turtle Rock breeding colony in McMurdo Sound. I successfully extracted, 

amplified and sequenced Weddell seal DNA in seven out of thirty-three snow 

samples. Though my detection rate was low, to the best of my knowledge, this 

represents the first time Antarctic vertebrate DNA has been extracted from snow. 

While all seven sequences fall within the Weddell seal clade on my Neighbour-
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Joining tree, the branch lengths suggest a high level of divergence, which could 

pose challenges for future population genetic applications. I identified that storage 

time, filter removal and sample size may have impacted our eDNA yield and 

looked to address this in my final study, primarily through using enclosed Sterivex 

filter units. I first introduce eDNA surveys in a New Zealand context and highlight 

the value of eDNA for monitoring a conservation dependent species, the kororā 

(little blue penguin; Eudyptula minor). I extracted DNA from three sample types, 

feathers, feather soaked water and tank water from the kororā enclosure at the 

International Antarctic Centre in Christchurch. While amplification from feather 

samples was unsuccessful, seven out of nine filter water samples were sequenced,  

and all eight tank samples. As in the Weddell seal sequences, the kororā eDNA, 

while clustered with Eudyptula minor, is highly divergent. Likewise, all but two of 

the sequences aligned with Eudyptula minor (16srRNS), but in two samples, there 

were several high matches with non-penguin species. Both my Weddell seal and 

kororā chapters highlight the challenges of developing an eDNA protocol and the 

need for extensive optimisation and standardisation to draw confident conclusions. 

However, both studies are promising for future eDNA studies targeting the two 

species. And with robust protocols, eDNA could be applied to key management 

concerns in both areas. For example, monitoring the Ross Sea Marine Protected 

Area (MPA) in Antarctica and contributing to the surveillance of invasive predator 

species in New Zealand. Thus informing the conservation of unique taxa on both 

sides of the Southern Ocean. 
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Chapter One 

Introduction 

 

The Protocol on Environmental Protection to the Antarctic Treaty (signed in 1991, enforced 

1998) establishes the Antarctic continent as a “natural reserve devoted to peace and science’ 

(Article 2) and specifies the value of critical environmental research. However, Antarctica is 

increasingly influenced by humans through the activities of researchers, tourists, base staff 

and fisheries staff (Bestly et al. 2020). The extent of cumulative disturbance, both to the 

ecosystem and wildlife, is often unclear (Pande et al. 2017). The Commission for the 

Conservation of Antarctic Marine Living Resources (CCAMLR) stressed the importance of 

ecosystem monitoring through the CCAMLR Ecosystem Monitoring Program (CEMP). The 

two primary objectives of which are 1) to detect significant changes in the marine ecosystem 

and 2) to distinguish between the natural fluctuation of commercial species and changes in 

populations due to fishing pressures (Sc-CAMLR 1985; Croxall and Nicol 2004; Kock et al. 

2007). It is particularly important that monitoring programs target conservation priority 

regions such as the Ross Sea Region Marine Protected Area (MPA, Nickols et al. 2019; Gold 

et al. 2021). Likewise, baseline assessment should be done to the highest possible resolution, 

requiring multiple, overlapping methods (Bean et al. 2017).   

One method for complimentary monitoring is Environmental DNA (eDNA; Bean et 

al. 2017). Environmental DNA describes genetic material detected in an environmental 

sample (Ogram et al. 1987). Organisms shed DNA into their environment via a number of 

natural processes, e.g. through, moulting, defecating or injury (Ficetola et al. 2008; Taberlet 

et al. 2012; 2018). How DNA then persists in the environment is dependent on a complex 

interaction of both biotic and abiotic factors (Stewart et al. 2019). This poses a challenge to 
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eDNA surveys, as the DNA detected is typically of a low quality and quantity (Taberlet et al. 

2018). Likewise, most eDNA studies target mitochondrial DNA due to its high copy number, 

increasing the chance of detection. However, this restricts the detail we can gain from eDNA 

analyses (Adams et al. 2019; Sigsgaard et al. 2019). Interest in environmental DNA has been 

increasing over recent years (Beng and Corlett 2020), and so has the available technology 

(Shokralla et al. 2012; Bohmann et al. 2014; Ducluzeau et al. 2018; Gowers et al. 2019).  

Recently, eDNA has seen advances into the field of population genetics (Adams et al. 2019; 

Sigsgaard et al. 2019). Environmental DNA surveys show promise for more sensitive 

analysis of wildlife including sex determination (Nichols and Spong 2017), estimating 

population abundance (Tillotson et al. 2018; Spear et al. 2021) and identifying population 

characteristics (Sigsgaard et al. 2016; Baker et al. 2018).  

Despite recent advances in the field, careful consideration is required before 

implementing an eDNA survey, as there are many decisions that can affect the outcome of a 

survey (Fig 1.1). Dickie et al. (2018) stressed the need for greater standardisation of eDNA 

protocols to increase the comparability of datasets and avoid misleading inferences. Such 

errors are problematic for biodiversity monitoring, where assessing trends across datasets is 

critical for discriminating between natural environmental variation and a decline in 

ecosystem health (Pande et al. 2017; Piazza et al. 2020). Both Dickie et al. (2018) and Lear et 

al. (2018) put forward a number of key considerations that should be assessed prior to 

designing an eDNA survey. Generally, the early stages of developing a protocol require 

troubleshooting. Thus the set-up of a DNA protocol is typically the most costly, in both time 

and money (Smart et al. 2016; Johansson et al. 2020). However, once a robust protocol is in 

place, eDNA surveys are generally considered more economical than traditional methods 

(Smart et al. 2016; Lugg et al. 2017; McColl-Gausden et al. 2020). Indeed, the combination 

of cost-efficiency and ease of sampling has seen eDNA integrated into several government 
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programs, including the Environmental Protection Agency in New Zealand (Wai Tūwhera o 

te Taiao, Open Waters Aotearoa programme; www.epa.govt.nz/community-

involvement/open-waters-aotearoa/). 

Whilst New Zealand may not feel as remote as Antarctica, it's geographical position, 

and physical isolation has led to distinctive biodiversity. However, oceans are no longer the 

barrier they once were, and the isolation of New Zealand's taxa has also left them vulnerable 

to invasive species (Jay et al. 2003). This has resulted in a number of species being classed as 

conservation dependant (Robertson et al. 2016), thereby requiring permanent management to 

maintain the population. Conserving endemic species whilst managing introduced species 

requires constant monitoring of New Zealand's ecosystems. Thus eDNA surveys are equally 

promising in a New Zealand context. Recent research has seen eDNA discussed for New 

Zealand's Marine (Jeunen et al. 2020a, 2020b) and terrestrial ecosystems (Holdaway et al. 

2017). Considering two very different environment, Antarctica and New Zealand, I will 

further discuss the potential for eDNA surveys to contribute to conservation management in 

both ecosystems. My primary aims for this dissertation are to:  

1) Identify the state of eDNA in Antarctica and highlight gaps in the current literature 

and discuss potential avenues for future research on the ice. 

2) Begin the development process for an eDNA protocol to detect Antarctic vertebrate 

DNA (Weddell seal, Leptonychotes weddelli) in snow and discuss future applications 

for snow samples to inform population genetic studies. 

3) Further develop my marine mammal protocol by applying it to the captive kororā 

(Eudyptula minor) population at the International Antarctic Centre and discuss 

environmental DNA surveys in a New Zealand context and the implications they have 

for a conservation dependent species. 
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Figure 1.1. A simple eDNA work flow listing some of the considerations required for 
designing an eDNA survey; highlighting the number of choices that can influence the results 
of an eDNA study. Abbreviations are PCR (polymerase chain reaction), qPCR (quantitative 
PCR), HTS (high-throughput sequencing) and OTU’s (operational taxonomic units). 
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1.1 Dissertation structure  

This dissertation divides the discussion of eDNA into two distinct themes, eDNA in an 

Antarctic and a New Zealand context. These themes are covered across my three main 

chapters: 

Chapter Two, Environmental DNA as a tool for monitoring Antarctic vertebrates, reviews the 

literature on Antarctic eDNA studies, outlining a number of environmental samples 

that have been utilised for non-invasive molecular studies on the ice. I then discuss 

potential avenues for future research targetting the continent’s vertebrate taxa 

Chapter Three, Detection of Weddell seal (Leptonychotes weddellii) eDNA from Antarctic 

snow samples, having identified that vertebrate eDNA is understudied on the 

Antarctic continent, I investigate a novel sample source for Antarctic vertebrates. 

Specifically, I use snow samples collected from a Weddell seal breeding colony in 

Antarctica to extract, amplify and sequence Weddell seal eDNA. I then discuss 

challenges that arose in the study while highlighting future applications for eDNA in 

Antarctica. 

Chapter Four, Optimising eDNA protocols for little blue penguins Kororā, little blue penguin 

(Eudyptula minor), shifts focus from polar research to investigate applications closer 

to home. While New Zealand may not be as remote as Antarctica, as an island, many 

of its species have evolved in isolation and are vulnerable in a modern anthropogenic 

landscape. This chapter first outlines eDNA within a New Zealand context before 

looking to the kororā. Using samples from International Antarctic Centres’ penguin 

enclosure, I further develop my protocol from Chapter Three and discuss how eDNA 

can inform the management of a conservation dependant species. 

Chapter Five, Synthesis and conclusions, summarises the progress made in these two studies 

and outlines the directions this research can be continued in.  
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Chapter Two 

Literature review: Environmental DNA as a tool for 

monitoring Antarctic vertebrates 

Antarctica is home to numerous species that are vulnerable to environmental 

change and assessing species responses requires long-term monitoring. 

However, Antarctica’s extreme nature presents limitations to conducting the 

type of long-term or broad-scale studies necessary for understanding changes in 

community composition. In this paper, we evaluate the potential for the use of 

environmental DNA (eDNA) methods in expanding scientific research efforts 

for biodiversity monitoring and conservation genetics in Antarctica. Through a 

systematic literature review, we identify that most Antarctic eDNA studies have 

focused on microbial metabarcoding using samples from soil, sediment, snow, 

and water. Few eDNA studies in Antarctica have focused on vertebrate 

biodiversity or population genetics, but we highlight several examples that have 

effectively and creatively used eDNA to study vertebrates. We highlight the 

potential for the use of portable sequencing technologies in the future of 

Antarctic eDNA research. We conclude that eDNA could be a valuable tool for 

researchers in their efforts to assess, monitor, and conserve biodiversity in the 

Antarctic. 

Keywords: eDNA; environmental sampling; genetic tools; Southern Ocean; 

Polar; remote sampling; biodiversity; conservation genetics 
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2.1 Introduction 

The extreme nature of the Antarctic environment requires a range of techniques to address the 

challenges of biodiversity assessment and targeted species detection (Chown et al. 2015; 

Czechowski et al. 2017; Gutt et al. 2018). Our regional knowledge of biodiversity is directly 

impacted by the degree of inaccessibility at different locations (Griffiths 2010), and research 

limitations are not only spatial but temporal, given that Antarctica is largely inaccessible over 

the dark winter months. A baseline understanding of species’ distribution and community 

composition across the continent and throughout the year is vital for monitoring the effects of 

increasing human activity and for planning subsequent mitigation strategies (Chown et al. 

2012). Assessing this disturbance requires long term data that cover a broad temporal and 

spatial range, but long-term studies are particularly susceptible to disruptions to planned data 

collection. Disruptions in fieldwork can result in low sample sizes, which can impede the 

incorporation of biologically important variables such as age and sex in data analyses (e.g., 

Nachtsheim et al. 2017). One way to increase scientific flexibility is to use multiple 

approaches to answer research questions, such as combining traditional visual surveys with 

molecular tools (Ammon et al. 2018). In this review we will focus on one such tool, 

environmental DNA, and the opportunities this field offers for current biological survey 

efforts in the Antarctic region (continental Antarctica, the Southern Ocean, and the Sub-

Antarctic Islands). 

The term environmental DNA (eDNA) was first used by Ogram et al. (1987) for 

microbial DNA collected from marine sediments, and generally refers to any genetic material 

extracted from an environmental sample (Ogram et al. 1987, Taberlet et al. 2012). As an 

organism interacts with its environment, it sheds genetic material, such as through hair, 

faeces, or gametes. DNA ‘traces’ can be detected in a variety of environmental samples (e.g., 

water, soil, and sediments). Since the early aquatic application of eDNA to detect the 
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presence of amphibians (Ficetola et al. 2008), the field has expanded, leading to a variety of 

novel methods, with samples extracted from salt licks (Ishige et al. 2017), honey (Bovo et al. 

2018), and leaves (Valentin et al. 2020). While it is possible to detect enough DNA for 

genome assembly in microbes (Taberlet et al. 2018), most eDNA from macrofauna is no 

longer protected by intact cells (Levy-Booth et al. 2007; Pietramellara et al. 2009; Taberlet et 

al. 2018), and such extracellular DNA decays relatively quickly (Collins et al. 2018; Wei et 

al. 2018).  A complex interaction of factors causes rapid decay of DNA (Corinaldesi et al. 

2008), such as exposure to UV radiation, lower pH, increased temperature, consumption by 

microbes, hydrolysis, and enzyme action (Finkel and Kolter 2001; Hebsgaard et al. 2005; 

Strickler et al. 2015; Barnes and Turner 2016). The short-lived nature of extracellular DNA in 

the environment may be useful for spatiotemporal inferences of species on detection (Barnes 

and Turner 2016), however, DNA may also be adsorbed onto organic material and preserved, 

e.g., Haile et al. (2009) used ancient DNA techniques to detect horse (Equus spp.) and 

mammoth (Mammuthus spp.) DNA in Alaskan permafrost sediments. 

 Within different environmental sources, the method of DNA amplification and 

sequencing can be approached in one of two ways depending on the research question (e.g., 

targeting single or multiple species; Taberlet et al. 2018). For single-species questions, such 

as the detection of an invasive, endangered, or cryptic species (Ficetola et al. 2008; Dejean et 

al. 2012; Goldberg et al. 2013; Uchii et al. 2016), primers specific to that species’ DNA are 

required (Ficetola et al. 2008). Using these species-specific primers, genotypes from PCR or 

signals from quantitative PCR (qPCR) act as a fingerprint or ‘barcode’ to identify target 

species (Bohmann et al. 2014). Alternatively, a multi-species approach (called 

metabarcoding) allows for the identification of all taxa present in a sample (Brown et al. 

2016; Valentini et al. 2016). Metabarcoding provides a snapshot of biodiversity at a given 

point in time. Generally, this process requires the use of high-throughput, next generation 
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sequencing, which allows large amounts of data processing in a single sequencing run 

(Shokralla et al. 2012; Bohmann et al. 2014). Such a broad, community-level approach is 

preferable for studies on biodiversity (Bohmann et al. 2014), predator-prey interactions 

(Deagle et al. 2005), and investigating potential invasions where species-specific information 

may be unknown, for example in ballast water (Bohmann et al. 2014; Gerhard and Gunsch 

2019). Metabarcoding requires universal primers that bind to target DNA regions across 

taxonomic groups. With the development and commercialisation of high-throughput 

sequencing technology (Schuster 2008) and datasystems such as the Barcode of Life 

Database (BOLD; Ratnasingham and Hebert 2007), the use of eDNA to monitor ecosystem 

diversity, particularly the diversity of vertebrate species, has become increasingly feasible 

(Valentini et al. 2009; Bálint et al. 2018; Cristescu and Hebert 2018). A discussion of the 

specific methods for metabarcoding is beyond the scope of this review. However,  a technical 

review of high throughput sequencing metabarcoding in Antarctica is provided by 

Czechowski et al. (2017). 

Antarctica is unique in that it is the only continent without an Indigenous human 

population, and therefore its vertebrates may be susceptible to human disturbance by 

researchers (Martín et al. 2004; Petel et al. 2007; Coetzee and Chown 2016).  Environmental 

DNA surveys inherently do not require direct contact with target taxa and are therefore 

considered both non-invasive and ‘non-disruptive’ to wildlife (Lefort et al. 2019). While 

many traditional survey methods, such as visual or aerial surveys, do not require invasive 

samples, they may still lead to a stress response in the target organism. For example, 

approaching chinstrap penguins (Pygoscelis antarcticus) can affect fleeing behaviour (Martín 

et al. 2004), while prolonged exposure to helicopters inhibits foraging Adélie penguins 

(Pygoscelis adeliae) from returning to their nests (Wilson et al. 1991). An environmental 

sample however, can be taken without the need to approach, or even sight, the target species. 
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With this in mind, eDNA surveys present an ideal opportunity to continue to expand our 

knowledge on Antarctic biodiversity with minimal risk of harm.  

In this paper we review the literature on eDNA studies in Antarctica, the Southern 

Ocean, and the Sub-Antarctic islands. We focus on vertebrate eDNA studies and discuss how 

methods from Antarctic microbial studies could be translated into vertebrate research. Our 

review compares current and future applications of eDNA in Antarctica for a number of 

sample sources, drawing connections to eDNA surveys within the Arctic. The future is bright 

for the use of eDNA in improving our understanding of Antarctica’s unique vertebrate 

species.  

2.2 Literature Search 

We reviewed the literature in Scopus, using the term ‘Antarctic’ in combination with 

‘environmental DNA’ or ‘e*DNA’. Alternative abbreviations may be used such as sediment 

DNA (sedDNA; Ficetola et al. 2018), and further, the term eDNA may also be used to refer 

to ‘extracellular DNA’ (Fröls et al. 2012; Ricciardelli et al. 2019). Thus, we also ran multiple 

searches pairing ‘Antarctic’ with the terms ‘*barcoding’, “high throughput sequencing”, 

“next generation sequencing” or ‘metagenomics’. We then went through the results to 

determine the source and to identify any papers that discussed environmental vertebrate 

DNA. We excluded literature reviews, book chapters, notes and errata. The review covers 

literature from 2000-2020, as of June 29, 2020 (Table 1, supplementary information). 
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2.3 Summary of Review Results 

We found a total of 172 papers for all search terms. Of these papers, only 22 

included search terms “environmental DNA” and 7 “eDNA” (Table 1, supplementary 

information). These results included studies that directly sampled the environment as well as 

those that analysed data from previously collected metagenomes; we excluded studies that 

used other sources of genetic material (e.g., seal buccal swabs; Crane et al. 2018). The most 

common environmental source for DNA was soil (n=47 studies) followed by water, which 

includes both marine samples (n= 37) and water collected from terrestrial water bodies 

(n=27). Sediment samples returned 22 studies, and studies involving ice/snow samples 

returned the fewest, with 14 (Table 1, supplementary information). Samples classed as ‘other’ 

included faeces, rock and hypoliths, biofilms, microbial mats, and filtered air (Table 1, 

supplementary information). 

Only 4 of the 172 studies in our search recovered vertebrate DNA from the 

environment (Table 1, supplementary information), which used samples from seawater 

(Cowart et al. 2018; Mariani et al. 2019), sediment (Ficetola et al. 2018), and faeces 

(McInnes et al. 2016) as environmental sources (Fig. 1).  The vertebrates detected in these 

four studies ranged from Antarctic specialists including fishes (McInnes et al. 2016; Cowart 

et al. 2018; Mariani et al. 2019), Weddell seals, and chinstrap penguins (Mariani et al. 2019), 

to invasive rabbits (Ficetola et al. 2018). 
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Figure 2.1. Number of papers found by in our systematic review of Antarctic environmental 

DNA. Categorised by ‘Environmental Sample Type’ and ‘Organism detected’, highlighting 

the discrepancy between microbial and vertebrate eDNA studies in Antarctica. Papers that 

overlapped between categories and they were counted as a hit for both. Papers in the ‘Other 

Organisms’ category included those that targeted one or more of the groups: meiofauna, 

benthic communities, invertebrates, moss, vascular plants, lichen, as well as macro algae and 

fungi. 

 

  



25 

2.4 Polar eDNA Methods 

2.4.1 Soil samples 

Despite being the most common sample type in our review, none of the 43 soil 

studies detected vertebrate DNA (Table 1). However, Pansu et al. (2015) made links between 

the introduction of rabbits to the Sub-Antarctic Kerguelen Islands and soil community 

compositions, finding a reduction in fungal diversity in locations where rabbits were 

historically introduced using multi-species barcoding. Furthermore, Pansu et al. (2015) 

showed that the herbivores’ preference for introduced plant species alters the characteristics 

of soil communities, demonstrating the applications of metagenomic analyses of soil samples 

for monitoring ecosystem shifts. 

2.4.2 Water samples 

We found 38 papers that reported extracting DNA from seawater samples. The vast 

majority report on microbial studies (89 %), although two detected vertebrate eDNA from 

marine samples (Cowart et al. 2018; Mariani et al. 2019). One of these explored a novel 

method for collecting DNA using sponges (Porifera sp.) as ‘natural samplers’, capturing the 

DNA of a number of fishes, as well as both chinstrap penguin and Weddell seal DNA 

(Mariani et al. 2019). With further validation, sponges could be advantageous for eDNA 

sampling, filtering up to a thousand-fold more water than traditional filtering methods (Kahn 

et al. 2015; Mariani et al. 2019). Additionally, their ability to regenerate makes them easy to 

sample without long-term damage (Mariani et al. 2019). 

A survey of invertebrate and vertebrate metazoan diversity in the West Antarctic 

Peninsula detected the eDNA of fishes using metagenomic analysis of shallow shelf water 

samples (Cowart et al. 2018). Results were comparable to inventories collated by the 

Scientific Committee on Antarctic Research-Marine Biodiversity Network (SCAR-MarBIN, 
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www.scarmarbin.be, www.biodiversity.aq, Griffiths et al. 2011; De Boyer et al, 2014) from 

peer-reviewed literature, museum specimens and the Census of Antarctic Marine Life 

(CAML, www.caml.aq, De Broyer and Danis 2011). Cowart et al. (2018) suggest that a 

combination of the two approaches (eDNA and traditional surveys) will lead to improved 

detection of faunal assemblages, in turn improving biodiversity assessments and monitoring 

community change in the Southern Ocean. In-field eDNA detection was supported with 

laboratory-based assessments of DNA degradation in Antarctic conditions, using Antarctic 

icefish (Chionodraco rastrospinosus) held in tanks (Cowart et al. 2018). Mitochondrial DNA 

persisted for longer under Antarctic conditions than would be expected in temperate waters, 

potentially leading to a greater breadth of species detected in future Antarctic eDNA studies. 

 Fewer studies focused on terrestrial water samples, and all of those were microbial 

metagenomic studies. This microbial focus is unsurprising; few vertebrates have been 

associated with Antarctic lakes, with only two instances of fish being sighted in the brackish 

waters of Beaver Lake (Trematomus scotti; Cromer et al. 2005) and Ablation Lake 

(Trematomus hemacchii; Heywood and Light 1975). Nonetheless, eDNA from Antarctic 

lakes could have potential for genotyping birds that have been associated with a number of 

lakes on the continent, such as the South Polar skua (Stercorarius maccormicki; Laybourn-

Parry and Pearce, 2007) and Antarctic petrels (Thalassoica antarctica) which have been 

known to breed hundreds of kilometres inland (Hiller et al. 1988; Brooke et al. 1999).  

2.4.3 Sediment samples 

Of the papers we reviewed, 22 discussed the use of sediment samples to detect 

eDNA, with only one detecting vertebrate DNA (Ficetola et al. 2018). One of the benefits of 

sediment samples is that they provide ideal conditions for preserving DNA. By carbon dating 

the layers within a sediment core and extracting environmental DNA from those layers, we 

can collect historical data on species diversity and extinctions. Ficetola et al. (2018) extracted 



27 

rabbit and vascular plant DNA from sediment cores collected in the sub-Antarctic Kerguelen 

Islands to assess the recovery of plant diversity from a herbivore invader. Plant communities 

were assessed before and after the first detection of rabbit DNA to draw conclusions on the 

dynamics of the ecosystem and the trajectories of change. Not only were they able to show 

that changes in plant communities were consistent with the first detection of rabbit DNA, but 

they accounted for climate change as another potential mechanism driving change. Despite 

climate change explaining some variation, it was significantly lower than the percentage of 

variation explained by rabbit abundance. Defining the mechanisms affecting an ecosystem 

aids in differentiating between a system in ‘crisis’ versus one that has stabilised to a new 

equilibrium (Ficetola et al. 2018), a clearer understanding of ecosystem dynamics could 

impact what is considered the best response in a management situation.  

2.4.4 Snow and ice samples 

The advantage of snow samples as a source for eDNA is the snow acts as a natural 

freezer, helping to preserve the DNA within the samples (Hinlo et al. 2017). All of our hits 

for both snow and ice were microorganism studies; only 5 studies used snow samples and 11 

focused on ice samples, with most of these from cryoconite holes (Webster-Brown et al. 

2015; Sommers et al. 2018; Lutz et al. 2019; Sommers et al. 2019a; 2019b; Weisleitner et al. 

2019). To our knowledge, no studies of Antarctic vertebrate eDNA from snow samples have 

been published to date. This gap in the literature presents a potential for future eDNA studies 

on Antarctic wildlife (Box 1); importantly, eDNA could aid in monitoring of ice-dependent 

species that are likely to be negatively impacted by climate change in the near future (Siniff 

et al. 2008; Ainley et al. 2010; Jenouvrier et al. 2014; Tranthan et al. 2020).  

Future development of eDNA surveys for Antarctic snow samples can look to recent 

studies in the Northern Hemisphere (Dalén et al. 2007; Franklin et al. 2019; Kinoshita et al. 

2019). The varying success of these studies is attributed in part to sample size, ranging from 
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single footprints (Dalén et al. 2007), five footprints (Kinoshita et al. 2019) to 2 litre samples 

(Franklin et al. 2019). Detection rates can also be impacted by storage length (Kinoshita et al. 

2019), exposure to UV (e.g., targeting shaded versus sunlit sites [Kinoshita et al. 2019]) and 

laboratory methods (e.g., the use of qPCR over PCR [Franklin et al. 2019]). While the 

simplified environment of snow samples increases the likelihood of eDNA collection 

(Franklin et al. 2019), and tracks provide areas where eDNA is potentially condensed (Dalén 

et al. 2007), it can also increase the risk of contamination. These risks can be minimised 

through the use of gloves, sterilised equipment, and field blanks (Dalén et al. 2007; Franklin 

et al. 2019; Kinoshita et al. 2019). Care should be taken to ensure sampling teams have not 

recently been in contact with target species DNA (Franklin et al. 2019), similarly, it is 

important laboratories have not been previously contaminated with target species DNA 

(Dalén et al. 2007; Franklin et al. 2019). An additional benefit of snow samples is the 

preservation of DNA in compacted layers over time, which can be analysed through the 

collection of snow-columns (Franklin et al. 2019). By collecting columns from sites where 

camera traps had recorded lynx (Lynx lynx), Franklin et al. (2019) demonstrated the 

persistence of eDNA in snow and expanded the timeframe for species detection. While there 

are no terrestrial mammals on continental Antarctica, applying these methodologies to 

Antarctic snow samples would provide further opportunity to study vertebrates that venture 

onto the ice (Box 1.) 

2.5 Challenges and limitations 

A primary problem in working with genetic material is that DNA is vulnerable to 

degradation, which is exacerbated by exposure to UV, high temperatures, and deviations in 

pH (Strickler et al. 2015). These factors pose contrasting issues for studying eDNA under 

Antarctic conditions. For example, Strickler et al. (2015) found that cold, low-UV conditions 

resulted in less DNA degradation; thus, temperatures in Antarctica would be ideal, but 24 h 
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sunlight over summer would increase UV exposure. These factors are important to consider 

in the design of eDNA surveys on the continent. In their review of the applications of DNA, 

Beng and Corlett (2020) suggested research using eDNA has expanded without a concordant 

expansion in the understanding of its limitations. In their review covering misuses of DNA, 

Cristescu and Hebert (2018) suggested the biggest issue with the adoption of widespread 

eDNA applications was uncertainty introduced by the rates of false positives and false 

negatives. While false positives can indicate contamination at any stage during collection and 

analysis, and can be assessed using negative controls, false negatives can be caused by a 

number of factors, e.g., eDNA dispersal, sampling efforts and insufficient databases, making 

them difficult to evaluate (Cristescu and Hebert 2018). Misidentification of DNA (Furlan et 

al. 2020) can lead to incorrect interpretations, with inaccurate data informing management 

decisions. Drawing robust comparisons between eDNA datasets requires critical study design 

and methodological consistency (as reviewed in Goldberg, 2016; Dickie et al. 2018; Lear et 

al 2018; Mathieu et al. 2020). Subjective sampling methods and inadequate methodological 

information leads to a low level of reproducibility between eDNA studies (Dickie et al. 

2018), as does the lack of standardisation between laboratory protocols (Lear et al. 2018; 

Zinger et al. 2019). Through investigating potential bias, and introducing greater 

standardisation across eDNA workflows, we will be able to draw sounder conclusions and be 

better placed to advise on research questions. 
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2.6. Future directions 

2.6.1 Biodiversity and invasive species monitoring 

Recently, international programs have prioritized mapping Antarctic diversity (e.g., the 

Census of Antarctic Marine Life (CAML); Grant and Linse 2009), resulting in the creation of 

databases such as the Registry of Antarctic Marine Species (RAMS; Griffiths et al. 2011), 

which is a compilation of known taxa and distribution data in the Antarctic marine 

environment (De Broyer and Danis 2011). The goal was to assess the current understanding 

of biodiversity in the region and compile existing gaps that can be identified and targeted, 

including under-sampled taxonomic groups or specific locations with few existing 

observations (De Broyer and Danis 2011). RAMS also provides a baseline from which 

changes in species distributions over time can be identified (Griffiths 2010), and De Broyer 

and Danis (2011) highlighted the need to incorporate more efficient taxonomic tools to 

expand the database. One such tool is eDNA; by confirming species presence and mapping 

distributions we could utilize eDNA to improve the confidence in current databases, 

identifying the taxa and sites that should be targeted for future biodiversity studies. 

The limitations of Antarctic biodiversity assessments in a number of regions arise 

from their inaccessibility  (Griffiths 2010). For example, the Western Weddell and Eastern 

Ross Seas are particularly poorly sampled due to extensive ice cover, and lack of year-round 

field stations in the vicinity. Likewise, knowledge of the deep sea is heavily restricted to 

transit routes (Griffiths 2010). Sampling biases are also temporal, as many winter behaviours 

and distributions are poorly studied given most research is conducted during the relative 

safety of austral summer (Griffiths 2010). Environmental DNA offers a tool that addresses 

some of these existing biases in Antarctic biodiversity databases, enabling us to catalogue 

taxa in situations where traditional methods are not safe or cost appropriate (e.g., deep sea 
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underwater surveys; Pawlowski et al. 2011). Furthermore, optimisation of population 

genetics using eDNA would allow researchers to non-invasively assess the genetic diversity 

of Antarctic species (Adams et al. 2019). For example, a population genetic eDNA study on 

orcas (Orcinus orca) detected haplotypic variation between orca communities (Baker et al. 

2018, see case study in Box 2). 

The increasing development and availability of sampling technologies (e.g., remotely 

operated vehicles (ROVs) and icebreaker vessels) is expanding our capability to monitor 

Antarctic biodiversity (Griffths 2010). Cowart et al. (2018) found lithodid king crabs 

(Neolothodes yaldwyni) in waters off the West Antarctic Peninsula, which is noteworthy as 

this area has been suggested as a possible location for such invasions (Thatje et al. 2005; 

Smith et al. 2012). Along coastal marine systems community eDNA signals remain distinct 

with minimal signal dispersal (Jeunen et al. 2019; 2020), thus eDNA could play a role in 

monitoring potential invasion fronts in the Antarctic. Likewise, eDNA sampling can assist 

biosecurity efforts, through monitoring both present (e.g., ballast water; Rey et al. (2019)) 

and historic threats (Pansu et al. 2015, Ficetola et al. 2018). 

 Both Pansu et al. (2015) and Ficetola et al. (2018) used eDNA to show a lag in 

ecosystem recovery after the eradication of invasive rabbits in the Kerguelen Islands. 

Understanding how an ecosystem reacted during the initial introduction of a species, and 

analysing subsequent recovery after eradication, can help inform management on other Sub-

Antarctic islands. Environmental DNA surveys are often described as a ‘snapshot’ of a time 

and location in the current environment, comparatively, ancient DNA allows us to look at 

historic ‘snapshots’ and construct a much larger picture of an ecosystem through time, 

informing future conservation efforts. 
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2.6.2 Community sampling efforts 

Community scientists have contributed to successful eDNA surveys in temperate 

regions, both in freshwater (Biggs et al. 2015) and marine environments (Miralles et al. 

2016). Sampling techniques can be easily taught, and the risk of contamination can be 

minimised by using enclosed filters (Spens et al. 2017). Additionally, standard quality 

assurance procedures, such as field negatives or controls, are of even greater value when 

surveyors are inexperienced (Biggs et al. 2015). Though there are limits to non-specialists 

carrying out eDNA surveys (Biggs et al. 2015), the ability to generate large amounts of data 

across a greater spatiotemporal range is advantageous for increasing understanding of species 

distribution and composition. Community-based projects also educate the public about eDNA 

and raise awareness of species within the target ecosystem, acting as an immersive outreach 

tool that can enhance science communication (Biggs et al. 2015; Taylor et al. 2019). 

Although Antarctica does not have an indigenous human population, communities at 

research stations and even tourists could contribute to data collection. Over the 2018-2019 

summer season the International Association of Antarctic Tour Operators (IAATO) recorded 

55,489 visitors (IAATO 2019a), not including scientists, commercial fishers, or base staff. 

However, few peer-reviewed studies implementing community-engaged projects in 

Antarctica exist (Casanovas et al. 2015; Mascioni et al. 2019; Taylor et al. 2019; Cusick et al. 

2020) and to our knowledge there are no published community science eDNA surveys. 

Antarctic tourism is predominantly cruise based, so staff can monitor data collection and 

implement a greater level of standardisation. Further, IAATO is responsive to involvement in 

research as it corresponds to Resolution 7 (2009) of the Antarctic Treaty system (Taylor et al. 

2019). These principles encourage the education of tourists to foster connections with 

Antarctica, resulting in growing interest in tourist-based data collection and education 

opportunities e.g., the Polar Citizen Science Collective (http://www.polarcollective.org; 
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Taylor et al. 2019). Collaborating with tourist companies across the summer season would 

provide a unique opportunity to build a large-scale baseline of biodiversity across the 

Antarctic Peninsula, generating a large amount of genetic data with a relatively small 

individual sampling effort.  In addition to tourists, base staff and or researchers heading into 

the deep-field or overwintering could be provided with eDNA sampling kits, allowing for 

multiple snapshots of Antarctic biodiversity across a range of temporal and spatial scales. 

2.6.3 Miniaturised technology and in situ eDNA analysis 

The prospect of highly portable sequencing technology is promising for remote field 

research. Emerging technology such as the MinION sequencing device (Oxford Nanopore 

Technologies) could potentially accelerate the process of eDNA surveys, increasing the 

agility and adaptability of research in the field (Edwards et al. 2016; Johnson et al. 2017; 

Edwards et al. 2019; Gowers et al. 2019). For example, Truelove et al. (2019) successfully 

carried out ship based, rapid, in-field analysis of white shark (Carcharodon carcharias) 

DNA, extracted from seawater and sequenced using the MinION device. Results were 

ground-truthed on-shore with Illumina sequencing and found to be comparable, despite the 

higher error rate in the MinION device. A decreased turnaround time allows for further, 

informed sampling a quicker response on time-sensitive issues.  

While application of the MinION to vertebrate DNA has been limited (Truelove et al. 

2019), the MinION has been applied to microbial studies in both the Arctic (Edwards et al. 

2016; Goordial et al. 2017a; Ducluzeau et al. 2018; Edwards et al. 2019; Gowers et al. 2019; 

Millán-Aguiñaga 2019) and Antarctica (Johnson et al. 2017; Millán-Aguiñaga et al. 2019). In 

one extreme example, Gowers et al. (2019) packed their entire laboratory onto a sled, 

travelled 135km from the nearest field station onto the Vatnajökull ice cap in Iceland, and 

successfully sampled and sequenced eDNA from the ice for metagenomics analysis.  These 
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previous studies in similar environments to Antarctica have highlighted the primary challenge 

- extreme conditions. In particular, the cold temperatures affect battery life, reagents, and the 

function of the MinION device and laptops, and contribute to the brittling of resin-based 

equipment (Gowers et al. 2019). Suggestions for tackling these challenges include the design 

of an insulating containment system (Johnson et al. 2017) and the use of sheltered field 

laboratories, utilising either pre-existing structures (Edwards et al. 2016) or tents (Gowers et 

al. 2019).  

2.7 Conclusions 

We found 172 papers addressing eDNA studies across 20 years, the vast majority of 

which focused on microbial diversity. We found eDNA technologies have been used in 

Antarctica since the beginning of the millennium (Gordon et al. 2000), but few have used 

eDNA to sequence the DNA of Antarctic vertebrates (McInnes et al. 2016; Cowart et al. 

2018; Ficetola et al. 2018; Mariani et al. 2019). This gap highlights an important opportunity 

for future Antarctic research, particularly for biodiversity analysis, invasive species 

monitoring, and community science programmes. 

As genetic technologies develop, the scope for eDNA surveys will only increase. The 

MinION sequencer is an example of the opportunity presented by technological advances for 

in-field, real time analysis of eDNA, increasing the adaptability and the agility of genetic 

research on the ice (Edwards et al. 2016; Johnson et al. 2017; Edwards et al. 2019; Gowers et 

al. 2019). There is also the potential to look into differences within species using nuclear 

eDNA, both for comparisons between individuals (Box 1) or ecotypes in species such as orca 

(Orcinus orca) (Box 2). Though the development of eDNA workflows in fields such 

population genetics are still in the early days, with much of the research currently in the 

preliminary phase, Antarctica and the Southern Ocean presents a potential region to explore 
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these novel applications. 
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2.9 Appendix 

2.9.1 Box 1: Weddell seals case study 

Snow can limit the degradation of eDNA within a sample (Dalén et al. 2007; 

Kinoshita et al. 2019), and likewise eDNA is not dispersed as it would be in other systems, 

such as lotic water, making it a promising sample source for studies targeting nuclear eDNA. 

The use of eDNA from snow samples to make population genetic inferences has not been 

studied extensively, however, preliminary work in the Arctic has shown promising potential 

for detecting nuclear eDNA in the footprints of polar bears (Ursus maritimus;Von Duyek et 

al. 2019) and captive lynx (Lynx lynx; Hellström et al. 2019). Due to the quality and quantity 

of DNA required for such studies, accessing freshly deposited DNA left in the environment is 

best practice. While this may be a challenge in long ranging terrestrial mammals in the 

Arctic, Antarctica’s megafauna are marine organisms, travelling limited distances across the 

ice and providing ample opportunities to collect fresh samples.  

A potential candidate for snow-based eDNA surveys are Weddell seals, which are 

fast-ice (sea ice literally fastened to the Antarctic coastline) obligates (Stirling 1969), found 

only sporadically around Antarctica (LaRue et al. 2019). Weddell seals require time out of 

the water to rest between foraging, and in the austral spring to raise their young (Stirling 

1969). The proximity of a Weddell seal population to Scott Base and McMurdo Station, and 

their limited movement and breeding-season behaviour makes them the ideal target for an 

annual survey effort (Stirling, 1969). While much is known about this southernmost breeding 

marine mammal on the planet due to a mark-recapture study that has been ongoing since the 

mid 1960’s (Hastings and Testa 1998; Cameron and Siniff 2004), eDNA surveys could 

provide additional information. Genetic studies of Weddell seals primarily use flipper skin 
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punches (Gelatt et al. 2001; Harcourt et al. 2007). These skin samples provide valuable 

genetic information, but require a high level of training, permitting, and can be hazardous for 

the researchers involved. Environmental DNA surveys are not a replacement for traditional 

genetic survey methods, but the ease of collecting non-invasive environmental sampling is 

beneficial for building more extensive datasets, while limiting disturbance to Antarctic 

wildlife. One eDNA survey has successfully detected Weddell seals in the West Antarctic 

Peninsula (Mariani et al. 2019), but their potential for supplementing the traditional genetic 

sampling methods have not been evaluated. We suggest future species-specific studies 

investigating the possibility of collecting nuclear eDNA from snow recently vacated by 

Weddell seals in the breeding colonies of Erebus Bay. As methodologies are developed, they 

could be applied to other, less accessible pinnipeds, such as the pack-ice inhabiting crabeater 

seals (Lobodon carcinophaga). Success in this field would allow us to draw population-level 

inferences for Antarctic megafauna from non-invasive eDNA samples (for a review of 

population genetic inference from eDNA, see Adams et al. (2019)). 

2.9.2 Box 2: Orca case study 

While eDNA has been primarily utilized to establish the presence or absence of taxa, 

there is growing interest in population genetics applications (Adams et al. 2019). In marine 

systems outside of Antarctica, mitochondrial DNA haplotypes have been identified using 

eDNA for a number of marine vertebrates (Sigsgaard et al. 2016; Baker et al. 2018; Parsons 

et al. 2018; Tsuji et al. 2020). In one such example, resident and transient communities of 

Northern hemisphere Orcas (Orcinus orca) were distinguished using known mitochondrial 

haplotypes (Parsons et al. 2013) genotyped from eDNA samples (Baker et al. 2018). Multiple 

orca ecotypes are known to inhabit the Southern Ocean, with two ecotypes observed in 

McMurdo Sound (Andrews et al. 2008; Ainley and Ballard 2012). The success of 

distinguishing orca ecotypes from water samples in the Northern Hemisphere suggests that 



45 

eDNA could provide a non-invasive method for differentiating between populations 

throughout Antarctica.   

The specific methodologies used might determine the success of eDNA as a tool for 

population genetics. In their study on North Pacific orcas in Puget Sound, Baker et al. (2018) 

successfully identified orca DNA for up to two hours after encountering orcas using droplet 

digital PCR (Baker et al. 2018), a method based on fractioning samples into droplets which 

are individually amplified by PCR, aiding with absolute quantification (Hindson et al. 2011). 

While fragmentation of eDNA limited barcoding, Baker et al. (2018) were able to identify the 

resident population ecotype in two of their samples, supporting audio and visual data 

collected during the encounter. In contrast, Pinfield et al (2019) were unable to make 

population level inferences in their qPCR-based study of Northeast Atlantic orca, finding a 

high rate of false negatives. Detection may have been limited by weather conditions, animal 

behaviour and temperature-affected skin sloughing. Colder conditions may lead to a 

reduction in DNA deposition, as blood flow is restricted to outer skin layers and less skin is 

shed (Pinfield et al. 2019). Study design is likely also a contributor to the high rate of false 

negatives, with Pinfield et al. (2019) suggesting sampling behind whales and increasing PCR 

replicates may lead to more positive results. Future studies on Southern Hemisphere orcas 

should consider the relationship between detection rates and methodological choices. For 

eDNA surveys of whales to be viable, more research is needed on optimising workflows, 

particularly in Antarctica. Nonetheless, population genetic applications of eDNA could be an 

excellent approach for exploring regional differences across the continent.  
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Chapter Three 

Detection of Weddell seal (Leptonychotes weddellii) eDNA 

from Antarctic snow samples 

 
Accurate, long-term monitoring of community structure and composition is 

required to quantify the impact of human disturbance and climate change on 

Antarctica's unique ecosystem. As technology develops, monitoring programmes 

should be upgraded in order to better reflect the logistical challenges of a 

complex system. We propose incorporating environmental DNA (eDNA) as an 

additional sampling tool for Antarctica's vertebrate species and discuss the 

benefits of non-invasive sampling methods. This project investigates the 

potential of snow samples as pools of Weddell seal DNA, which we collected 

from an indent left behind by a seal at the Turtle Rock Breeding colony, 

McMurdo Sound. We compared three DNA extraction kits, Qiagen DNeasy, 

Zymo Quick-DNA and Invitrogen PureLink, and used traditional PCR with 

MarVer3 primers and Sanger sequencing to process our samples. Weddell seal 

DNA was successfully extracted, amplified and sequenced from seven out of our 

thirty-three snow samples. Due to limitations in our sample size, we were unable 

to differentiate between the efficacy of the three extraction kits; however, all 

three kits contributed to our seven successful sequences. We attribute our low 

rate of successful amplification to storage length, sample size and filtration 

methods. A BLASTN search assigned all seven samples to Weddell seal 

mitochondrial eDNA, though our Neighbour-Joining phylogenetic tree displayed 

a high level of divergence between our eDNA samples and the 16s rRNA 
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Weddell seal sequences obtained through GenBank. The variance between our 

eDNA samples and pre-existing sequences may be due to our short sequence 

length (~245bp) and a lack of identifiable regions. Despite these challenges, we 

were able to demonstrate the successful extraction, amplification and sequencing 

of eDNA from Antarctic snow collected by non-technical volunteers. We discuss 

the potential for future applications of eDNA within the field of population 

genetics and highlight the importance of developing robust eDNA protocols.  

 

3.1 Introduction 

While Antarctic populations regularly experience fluctuations, long term monitoring 

is required to differentiate between a normal level of flux and a long term pattern of change 

(Pande et al. 2017; Piazza et al. 2020). For example, Watters et al. (2020) used long-term 

observations to suggest that precautionary quotas of krill based on standing biomass failed to 

reflect predator-prey interactions and could lead to potentially detrimental mismanagement. 

Differentiating between natural variation and the consequences of disturbance is one of the 

key objectives of the Commission for the Conservation of Antarctic Marine Living Resources 

(CCAMLR) Ecosystem Monitoring Program (CEMP; Croxall and Nicol 2004; Kock et al. 

2007). Long term monitoring protocols are critical for establishing baselines in the 

assessment of climate-mediated ecosystem change and human-induced disturbance 

(McMahon et al. 2005; Tin et al. 2009; Sydeman et al. 2015; Pande et al. 2017). However, 

the logistical challenges of the harsh Antarctic environment can bias studies of Antarctic taxa 

both spatially and temporally, as well as by species, sex and life-history stage (Griffiths 2010; 

Bestley et al. 2020). For example, mature female seals are more frequently monitored due to 

extended haul-out periods and because they are typically easier to restrain (Bestley et al. 

2020). As technology improves, these logistical challenges are being increasingly met with 
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remote solutions, e.g. satellite census methods (LaRue et al. 2011, 2019, 2020;  Wege et al. 

2020). In their review on the current monitoring of Antarctic birds and mammals, Bestley et 

al. (2020) discuss the value of remote tools in upgrading Antarctic monitoring programmes 

and highlights the need for creative solutions in a changing environment. 

One such tool is environmental DNA (eDNA), this being DNA that is detected in an 

environmental sample, such as water, snow or soil, that has been shed by organisms through 

processes such as defecating, moulting or injury (Ogram et al. 1987; Taberlet et al. 2012). 

The growing interest in the use of eDNA to study cryptic, endangered, and invasive species 

has been attributed in part to its non-invasive methods (Jiang & Yang, 2017). It is 

increasingly considered best practice to reduce the need for invasive sampling where possible 

(Long et al. 2012; Barber-Meyer et al. 2020). While eDNA surveys have primarily been used 

in freshwater systems (Ficetola et al. 2008; Thomsen et al. 2012; Garlapati et al. 2019), 

marine applications are increasing (Lafferty et al. 2018; Baker et al. 2018; Garlapati et al. 

2019), and there is a growing interest in underutilized sample types such as salt licks (Ishige 

et al. 2017) and "spray aggregations" from plant surfaces (Valentin et al. 2020). One such 

sample is snow. The use of snow as a source for eDNA has two primary benefits; DNA 

degradation is reduced in cold conditions (Smith et al. 2003; Dalén et al. 2007), and the 

dispersal and dilution of eDNA are limited compared to an aquatic environment (Franklin et 

al. 2017). While reduced dispersal means that isolating eDNA in randomly collected snow 

samples is challenging (Hansen and Willerslev 2002), recent studies in the Northern 

hemisphere have successfully targeted footprints as pools of DNA (Dalén et al. 2007; 

Franklin et al. 2017; Kinoshita et al. 2019; Barber-Meyer et al. 2020). Snow based eDNA 

studies require sampling sites with distinct, undisturbed tracks; urban areas with high footfall 

risk contamination, which can be difficult to exclude and may lead to false positives (Dalén et 

al. 2007). The benefit of trialling these methods in Antarctica is that the remote environment 
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and regulations regarding approaching wildlife (Antarctica New Zealand Environmental 

Code of Conduct; https://adam.antarcticanz.govt.nz/nodes/view/44849) reduce the risk of 

sampling a pre-contaminated site. Additionally, all Antarctica's ice-obligated mammals are 

marine and therefore require access to water, limiting travel across the ice and increasing the 

likelihood of high-quality eDNA deposits.  

 

3.1.1 Weddell seals (Leptonychotes weddellii) as a study species 

While eDNA presents an opportunity for detecting Antarctica's cryptic species, the 

development of eDNA methods is challenging when the chance of species detection is low. 

Weddell seals (Leptonychotes weddellii) are arguably the most extensively studied of the 

pinnipeds (LaRue et al. 2019), making them the ideal study species. The Erebus Bay, Ross 

Sea population of Weddell seals has been the target of an ongoing mark-recapture study that 

began in the 1960s (Stirling 1969; Siniff et al. 1977; Cameron and Siniff, 2004; Hadley et al. 

2007; Garrott et al. 2012; Rotella et al. 2012, 2016). The extent of research on the Erebus Bay 

population is largely due to the proximity of the seals to Scott Base, home of New Zealand's 

national Antarctic programme, and McMurdo Station, a United States Antarctic research 

station. A number of breeding colonies occur on the local fast ice over the summer months, 

including a colony directly in front of Scott Base. The logistical benefits and extensive 

research history of the Erebus Bay Weddell seal colony provide an ideal backdrop for the 

development of novel genetic methodologies such as eDNA. Additionally, the annual tagging 

of pups, and consequent access to life-history data on tagged adults (Stirling 1969; Siniff et 

al. 1977; Cameron and Siniff, 2004; Hadley et al. 2007; Garrott et al. 2012; Rotella et al. 

2016), is especially beneficial for exploring novel applications of eDNA surveys to 

population genetic studies.  
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Understanding the dynamics of populations is important for ecosystem monitoring 

(Fenwick, 1973; Zappes et al. 2017). Currently, Weddell seals are considered of least concern 

by the International Union for Conservation of Nature (IUCN). However, there is uncertainty 

in the population estimates and population trends, especially for Weddell seal populations 

outside of McMurdo Sound (LaRue et al. 2011; Hückstädt 2017). Of the Antarctic ice-

breeding seals, Weddell seals uniquely meet several parameters linked to the development of 

population structure; breeding site fidelity, female socialization, monopolization of females 

by dominant males and regional variation in vocalizations (Stirling and Thomas 2003; Davis 

et al. 2008). Genetic differentiation is especially evident in the isolated White Island 

population of Weddell seals, whose offspring are increasingly affected by inbreeding 

depression (Stirling, 1968; Testa and Scotton 1999; Gelatt et al. 2010). Additionally, Davis et 

al. (2008) also observed a significant genetic difference between non-enclosed Weddell seal 

populations over 700km apart, a minimum distance comparable to the geographic variability 

of vocalizations (Thomas and Stirling 1983; Thomas et al. 1988; Abgrall et al. 2003; Davis et 

al. 2008). While microsatellites suggest a single Ross Sea population, a high level of 

haplotypic diversity has been observed between neighbouring colonies (Zappes et al. 2017). 

Understanding the status of multiple populations is important for monitoring Weddell seal 

ecology and assessing the impacts of environmental change (Siniff et al. 2008; LaRue et al. 

2011). With further optimization, population genetic applications of eDNA surveys (Baker et 

al. 2018; Adams et al. 2019; Székely et al. 2021) could be utilized to increase sampling 

efforts for Antarctica's marine mammals and non-invasively supplement traditional sampling 

methods. 

Monitoring Weddell seal populations may prove critical in a changing climate, as 

Weddell seals are sensitive to fluctuations in sea ice (Learmouth et al. 2006; Younger et al. 

2016). For example, population declines correlating with a reduction in sea ice have been 
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observed in Anvers Island, off the rapidly warming Antarctic Peninsula (Siniff et al. 2008; 

Younger et al. 2016). Contrarily, while the extent and seasonal breakout of sea ice in the Ross 

Sea region is not experiencing the same loss of sea ice as the Antarctic Peninsula 

(Stammerjohn et al. 2012), a reduction in Weddell seal populations was indicated in northern 

Victoria Land and McMurdo Sound, using a combination of satellite imagery with historic 

ground counts (Ainley et al. 2015). The toothfish (Dissostichus mawsoni) industry has been 

proposed as a potential source of the population decline, with targeted ecosystem monitoring 

suggested to assess the disturbance of fisheries in the Ross Sea region (Ainley et al. 2015, 

2020). Recent studies have investigated the potential of eDNA surveys as a future fisheries 

management tool (Lacoursière‐Roussel et al. 2015; Thompsen et al. 2016; Baillie et al. 2019; 

Jerde 2019; Gilbey et al. 2021). Within this framework, Thomsen et al. (2016) highlighted the 

value of eDNA for monitoring deep water ocean habitats in polar ecosystems. In the only 

study to detect both Weddell seal and Antarctic toothfish eDNA, Mariani et al. (2019) used 

sponges as natural filters to metabarcoding local diversity, presenting an affordable tool for 

biodiversity monitoring. Environmental DNA surveys remain an underutilized tool for 

Antarctic vertebrates; as evidenced in our literature search (Chapter Two), which returned no 

examples of eDNA being used to monitor vertebrates in the Ross Sea, despite being the 

location of one of the world's largest Marine Protected Areas (MPA; CCAMLR, 2016). For a 

newly implemented MPA, such as the Ross Sea Region MPA, regular monitoring is critical 

for assessing the efficacy of management efforts (Nickols et al. 2019; Gold et al. 2021). 

Indeed, on the establishment of the MPA, the 11 objectives designated by CCAMLR 

included ii) the provision of 'reference areas for monitoring natural variability and long-term 

change' and iii) the promotion of 'research and other scientific activities (including 

monitoring) focused on marine living resources' (Conservation Measure 91-05 [2016]). 

Future implementation of eDNA in Antarctic monitoring programs could contribute to 
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valuable baseline estimates of biodiversity in the Ross Sea Region MPA. However, before 

eDNA surveys can be utilized for the Ross Sea Region MPA objectives, eDNA protocols first 

require optimization and standardization to ensure the production of sound datasets for 

drawing future comparisons (Dunn et al. 2017; Lear et al. 2018; Zinger et al. 2019). 

 

3.1.2 Aims and objectives of this study 

This study aims to develop the methodology for sampling, extracting and amplifying 

eDNA from non-invasive snow samples, using the Weddell seals of McMurdo sound as a 

target species. In order to maximize our chances of detecting eDNA, we target a single seal 

'snow angel', a depression left behind in the snow by a seal, treating the depression as a 

potential pool of eDNA. We will use these samples to test each step in the eDNA pipeline, 

from collection to extraction, amplification and sequencing to analysis. The results of this 

study should allow us to pursue further applications of eDNA in Antarctica, such as testing 

the detection of microsatellites for population genetic inferences. We explore the potential of 

the remote and extreme Antarctic environment as an opportunity to develop and expand upon 

eDNA applications. Environmental DNA surveys present a promising tool for Antarctic 

ecologist's biological toolkit. In this chapter, we discuss the potential of the eDNA approach 

for future Antarctic science, as well as addressing the challenges and necessity of developing 

robust eDNA protocols. 
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3.2 Methods 

3.2.1 Sampling collection 

We sampled from the Weddell seal breeding colony at Turtle Rock, Ross 

Dependency, Antarctica (S77°44'42.3 E166°46'15.9) between 3:03 pm and 3:13 pm on the 

30th November 2019. At the time of sampling, there was complete cloud coverage (8 oktas), a 

wind speed of 0-10 kn, a temperature of 0—5°C. Prior to sample collection, there had been 

light to moderate snowfall. In order to maximize the likelihood of detecting eDNA, necessary 

for our methods development, we targeted a single seal 'snow angel', a depression in the snow 

that had recently been vacated. The sample site was chosen based on the safety of access and 

in keeping with our ACA permit (PCAS 2019-2020). Samples were taken from an area 

approximately 2 m by 0.5 m to a depth of 3 cm using sterilized plastic scoops and 500 mL 

Nalgene bottles; our permit allowed for 20 bottles to be filled. To minimize contamination, 

samplers wore gloves and stood downwind of the sample site. Samples were initially stored 

in an icebox packed with snow and then transferred to the -20°C freezer facility at Scott Base 

for two weeks before being transported to New Zealand on ice and stored at -4°C. Due to 

delays in processing, samples were not defrosted until the 23rd January 2020. None of the 

samplers or equipment used at any stage had been in contact with Weddell seal DNA. 

 
Figure 3.1  A) Sampling site at Turtle rock, Antarctica. Showing volunteers collecting snow samples. 

Flattened discoloured snow is a site recently vacated by a Weddell seal B)Weddell seal pup and 

example of seal 'snow angel', flattened discoloured snow representing a potential pool for eDNA. 

Photography by Bella Zeldis. Taken under Antarctic Conservation Act (ACA) permits (PCAS 2019) 
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3.2.2 Filtration and extraction 

Snow samples were thawed at room temperature immediately prior to processing. 

Melted samples were shaken and then filtered using glass fibre filters (diameter 47 mm and 

pore size 1.5 µm) in 250 mL Nalgene funnels (Carim et al. 2016). For overnight thawing or 

filtering, snow samples were placed in the fridge at 3°C. Any liquid remaining after 12h was 

pulled through using a syringe fixed to the base of the funnel. After trialling two single snow 

samples and noting that 500 mL snow samples were reduced to approximately 200 mL liquid, 

we combined subsequent snow samples so that two bottles were used for each filter. We 

filtered MilliQ water as our negative control (C). We then quartered filters, flame-sterilizing 

scissors between each filter, storing the first quarter (S), and extracting eDNA from the 

remaining three using one of three extraction kits: Qiagen DNeasy Blood and Tissue kit (Q), 

Zymo Quick-DNA miniprep kit (Z) and Invitrogen Purelink Genomic DNA mini kit (V). For 

biosecurity purposes, filtered water was sterilized for 24 h using bleach to a ratio of 0.3:1 

bleach to water before being diluted to 1 L and drained in the sink.  

DNA extractions were carried out according to each kit's respective protocol; any 

changes to the protocol are summarised in Table 3.1. In cases where there were excessive 

hair and debris still present in the solution, 10 μL of Proteinase K was added and the solution 

left to incubate for an extra 24 h. The lysis solution was vortexed then filters were removed 

with flame-sterilized forceps after the binding step. Any hairs present on the filters were 

removed and stored at -4 °C. Post-extraction, the yield of DNA was quantified by processing 

1.5 μL of each solution using a NanoDrop ND-1000 Spectrophotometer (3.8.1, Thermo 

Scientific) set to nucleic acids, and 2 μL of each sample using a Qubit Fluorometer 

(Invitrogen) set to High Sensitivity (HS) with HS reagents. Finally, we ran an Agarose Gel 

Electrophoresis in a Sodium Borate solution using Invitrogen Sybr-Safe stain. We mixed 2.5 

μL of the sample (or control) with 2.5 μL dye and compared these to an Easy Ladder. The gel 
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ran at 90-100 V for 45 minutes. We photographed the gel using a Syngene G:Box (Synoptics 

2.0MP camera) with the GeneSys software (Version 1.0.9.0, Database version 1.47). 

 

Table 3.1 Summary of changes made to the protocols for each of the three extraction kits used in this 

study, Qiagen, Invitrogen and Zymo. Including the expanded incubation time and reduced elution 

volume utilized. Primary changes are elution volume in microlitres ( μL), incubation time in hours (h), 

vertexing and spinning in seconds (s), and the use of a shaking heat block set to 750 revolutions per 

minute (rpm). 

Extraction kit Elution volume 
( μL) 

Incubation 
time (h) 

Changes to protocol 

Qiagen DNeasy 
Blood and 
Tissue kit (Q) 

100 48 To ensure the filter was completely covered, we 
doubled Buffer ATL (260 μL) and Proteinase K (40 
μL).  
Prior to lysis vortex 5s, spin 5s.  
Incubated on a shaking heat block set to 5 minute 
intervals at 750rpm.  

Invitrogen 
Purelink 
Genomic DNA 
mini kit (V) 

100 48 To ensure the filter was covered, we doubled the 
genomic buffer (260 μL) and Proteinase K (40 μL). 
Prior to lysis vortex 5s, spin 5s.  
Incubated on a shaking heat block set to 5 minute 
intervals at 750rpm. 

Zymo Quick 
DNA miniprep 
Kit (Z) 

50 48 To ensure the filter was completely covered, we 
doubled MilliQ H2O (190 μL) solid tissue buffer 
(190 μL) and Proteinase K (20 μL).  
Prior to lysis vortex 5s, spin 5s. Incubated on a 
shaking heat block set to 5 minute intervals at 
750rpm.  

 

3.2.3 PCR conditions and development 

We used the Biotaq PCR kit (Bioline) for all our PCR reactions. 5 μL of DNA was 

used for each reaction. For each 20 μL reaction, the master mix concentrations were; 2 μL 

buffer, 2 μL dNTP, 8 μL MilliQ H2O, 0.6 μL MgCl2, 0.4 μL TAQ and 2 μL primers 

(combined forward and reverse). Each reaction included a MilliQ H2O negative control and 

both a λ DNA and pipefish (Stigmatopora nigra) DNA positive control, while the negative 

control used the same primers as the samples being run (Table. 3.2) the positive control used 

λ specific primers. Thermal cycling conditions followed the protocols by Valsecchi et al. 

(2020) for MarVer3 (initial denaturation step at 94°C or 4 minutes, then 38 cycles of 30 s at 

95°C, 30 s at annealing temperatures 54/55/56/57°C for 8/10/10/10 cycles respectively, 
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followed by 40 s at 72°C and a final extension of 5 minutes at 72°C) and Taberlet et al. 

(2018) for Tele02 (initial denaturation step at 95°C for 30 s, then 40 cycles of 30 s at 95°C, 

60 s at 54°C and 30s at 72°C, with a final extension of 5 minutes 72°C). However, due to 

limited samples, after testing Tele02 on samples that had sucessfully amplified with MarVer3 

primers with no result, consequent trials were done in Chapter Four. Post PCR, all samples 

were checked for successful amplification by running a 1.4 % Agarose Gel Electrophoresis in 

a Sodium Borate solution with Sybr-Safe stain (Invitrogen) at 90V for 45 min. All samples 

that displayed bands on the gel were then cleaned in preparation for sequencing using the 

DNA Clean & Concentrator-5 (Zymo Research) following the manufacturer's instructions, 

with a Binding buffer:sample ratio of 5:1 at 100 μL buffer to 20 μL sample and an elution 

volume of 25 μL. The DNA in our cleaned samples was quantified using the Qubit 

fluorometer before being submitted for Sanger sequencing to the Canterbury Sequencing and 

Genotyping Facility (University of Canterbury, Te Whare Wānanga o Waitaha). 

 

Table 3.2  Published primers tested in this study using the Biotaq PCR kit (bioline), showing both the 

forward (F) and reverse (R) sequence length in base pairs (bp), the amplicon length (the product of 

amplification) in BP and the source literature.  

Name Sequence (5’-3') Length 
(BP) 

Region Annealing 
temp (°C) 

Amplicon 
size (BP) 

Reference 

MarVer3 F: AGACGAGAAGACCCTRTG 
R: GGATTGCGCTGTTATCCC 

18 16S 54-57 232-274 Valsecchi et 
al. 2020 

Tele02 F: AAACTCGTGCCAGCCACC 
R: GGGTATCTAATCCCAGTTTG 

F: 18 
R: 20 

12S 54 129-209 Taberlet et 
al. 2012 
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3.2.4 Phylogenetic analysis 

The eDNA sequences were queried against the National Centre for Biotechnology 

Information (NCBI) nucleotide database using the Basic Local Alignment Tool (BLASTN 

2.11.0+, Altschul et al. 1990) Megablast algorithm (Zhang et al. 2000; Morgulis et al. 2008) 

to confirm taxonomy. We downloaded the FASTA files for the 16s rRNA gene of taxa that 

returned with a percentage identity above 90 % (percentage identity being the percentage 

match of bases between our query and the database sequence when aligned), and an E-value 

greater than e-70 (E-value, or Expect value describing the number of hits between our query 

and the database sequence alignment that are expected by chance, a low value reflects 

biological similarity). Additional seal sequences were obtained through NCBI GenBank 

(Clark et al. 2016; www.ncbi.nlm.nih.gov/genbank/), including the outgroup, the Antarctic 

fur seal (Arctocephalus forsteri, Assession number: BK010918.1). All eDNA and GenBank 

sequences were uploaded into Geneious Prime v.2021.0.3 (Biomatters Ltd., New Zealand; 

Kearse et al. 2012; https://www.geneious.com). To form the tree, our eDNA samples and 

downloaded sequences were aligned using the Geneious alignment algorithm (Biomatters 

Ltd) set to default settings with 70 % similarity. Alignments were visually checked before a 

neighbour-joining tree was generated, assuming a Hasegawa–Kishono–Yano (HKY; 

Hasegawa et al. 1985) model of substitution. The Antarctic Fur seal (Arctocephalus forsteri, 

Assession number: BK010918.1) was selected as an outgroup, and a Resample tree selected, 

with bootstrapping replicates set to 1000. The phylogenetic tree was then uploaded to the 

Interactive Tree of Life (iTOL, v.4; Letunic and Bork 2019) for editing. 
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3.3 Results 

We successfully extracted, amplified and sequenced eDNA from seven out of thirty-

three samples. Our success rate was low, despite Qubit analysis indicating eDNA in the 

majority of our extractions (Table 3.3). The initial concentration of our successfully amplified 

sequences ranged from 1.43  Ng/µl to 22.6 Ng/µl, though there were extractions of a higher 

concentration that were not amplified with the MarVer3 primers (TR01+01Z, 28.5 Ng/µl; 

TR03+04Z, 37.7 Ng/µl). Successful PCR reactions and sequencing spanned all three 

extraction kits; however, our sample size is too small to conclusively preference one over 

another. None of the samples tested with the Tele02 primers showed sign of amplification, 

even in cases where samples that had been amplified previously using MarVer3 primers. The 

PCR product sequences ranged from 243 to 251 bp. All successful amplifications displayed a 

band in the 250 bp region. Assessment with the BLASTN tool indicated the sequences were 

Weddell seal DNA. BLASTN queries for all seven sequences returned the closest alignment 

to Leptonychotes weddellii full mitochondrial genomes (Accession number: MT755639.1 and 

AM181025.1) and had E-values below 4e-72 and query cover of above 85 %. Likewise. All 

samples have a percentage identity above 90%, except for TR13+14Q which was 89.22%. 

TR13+14Q  also scored the lowest in E-value (4e-72) and in Maximum and Total score, both 

283 (Table 3.4). 

All of our eDNA snow samples fall clearly within the Weddell seal clade in our 

Neighbour-Joining tree, with an associated bootstrap value of 99.6 (Fig. 3.3). With the 

exception of TR15Z (99.6) and TR10+11Q (94.9), there is a lot of uncertainty within the 

eDNA cluster. TR03+04Q, TR10+11V, TR18+17Z, TR08Z and TR13+14Q are all associated 

with a bootstrap value of 19.9, and all bootstrap values within the cluster are below 64.1. 

While the bootstrap cut-offs used in phylogenies vary, a common cut-off is 70% (Hahn 2007) 

which would see these branches collapsed (Fig. 3.3). While our eDNA samples sit within the 
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Weddell sea clade, they show a much longer branch length than those associated with our 

downloaded sequences. In addition to showing the weakest alignment with the matched 

Weddel seal sequences in our BLASTN query, TR13+14Q has the greatest distance from our 

outgroup (Arctocephalus gazella) at 0.26 substitutions per sequence site, compared to 0.18 

for TR15Z, the shortest branch within the cluster. Comparatively, distances between the 

outgroup and the three GenBank Weddell seal samples sit at 0.11-0.12 substitutions per site. 

 

Table 3.3. Qubit fluorometer results in nanograms per microlitre (Ng/µl) for Weddell seal eDNA 

from snow samples. Including Qubit results post PCR for samples that were successfully amplified. 

Results have been adjusted to account for differences in elution volume. Grey boxes indicate 

successfully amplified PCR products.  

 Sample Invitrogen (Ng/µl) Qiagen (Ng/µl) Zymo (Ng/µl) 

 Pre-PCR Post PCR Pre-PCR Post PCR Pre-PCR Post PCR 
TR01+02 11.8 - 6.02 - 28.5 - 
TR03+04 6.72 - 6.10 11.3 37.7 - 
TR05+06 1.83 - 2.54 - 2.43 - 
TR07+09 4.16 - 3.72 - 27.3 - 
TR10+11 5.70 11.2 5.70 18.6 11.7 - 
TR12+16 0.43 - 0.61 - 1.67 - 
TR13+14 2.42 - 1.43 8.11 <0.01 - 
TR17+18 6.22 - 5.34 - 18.01 20.5 
TR19+20 4.92 - 6.28 - 9.64 - 
TR15 0.96 - 2.42 - 2.50 17.4 
TR08 1.31 - 1.62 - 2.86 22.6 
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Table 3.4. Results of a BLASTN query showing identities of the closest alignments of the eDNA 

samples that were successfully amplified and sequenced. The letter associated with each sample name 

indicates the extraction kit used, either Qiagen DNeasy (Q), Zymo Quick-DNA (Z) or Invitrogen 

Purelink (V). Table shows percentage identification, Expect value (E-value), Query cover (%), the 

highest alignment score (Max score), the sum of alignment scores (Total score) and Query length in 

base pairs (Bp). 

Sample Species Match Accession 
number 

Percentage 
ID (%) 

E-Value Query 
Cover 
(%) 

Max 
score 

Total 
score 

Query 
length 
(BP) 

TR03+04-Q Leptonychotes 
weddellii 

MT755639.1/
AM181025.1 

97.25 3e-97 88 366 366 243 

Tr08-Z Leptonychotes 
weddellii 

MT755639.1/
AM181025.1 

94.47 4e-86 87 329 329 245 

TR10+11Q Leptonychotes 
weddellii 

MT755639.1/
AM181025.1 

92.52 1e-76 85 298 298 249 

TR10+11V Leptonychotes 
weddellii 

MT755639.1/
AM181025.1 

95.89 1e-92 86 351 351 251 

TR13+14Q Leptonychotes 
weddellii 

MT755639.1/
AM181025.1 

89.22 4e-72 92 283 283 249 

Tr15-Z Leptonychotes 
weddellii 

MT755639.1/
AM181025.1 

95.13 9e-93 91 351 351 243 

TR17+18-Z Leptonychotes 
weddellii 

MT755639.1/
AM181025.1 

94.88 1e-86 86 331 331 247 

 

 

Figure 3.2. Representative gel electrophoresis image showing an example of all three extraction kits 

successfully amplifying eDNA from snow: TR10+11Q (Qiagen), TR10+11V (Invitrogen) and TR15Z 

(Zymo). Sequences were amplified by PCR using MarVer3 primers. All bands appeared in the 250 bp 

region as expected. Positive controls are lambda DNA (λ +ve control), and pipefish DNA (+ve control 

SB21) and negative control (-ve control) is MilliQ water. LBP21 is a Eudyptula minor eDNA sample 

(Chapter Four). 
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Figure 3.3 Neighbour-joining Phylogenetic tree comparing the 16s fragments for our snow eDNA 

sequences extractions to the 16s sequence for a number of pinnipeds, showing our eDNA samples sit 

within the Weddell sea clade. Arctocephalus gazella (Otariidae) is included as an outgroup. Bootstrap 

values are based on 1000 resamplings. Red circles represent bootstrap values <70, while purple is 

70<n<95. Branch length scale=0.1 substitutions per sequence site.  

  

Weddell seal 
(Leptonychotes weddellii) 

(Arctocephalus gazella) 

Antarctic fur seal 
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3.4 Discussion  

To the best of our knowledge, this pilot study represents the first extraction of 

Antarctic vertebrate DNA from the snow. While our success in extracting and amplifying 

eDNA from snow samples was minimal, with seven sequences resulting from thirty-three 

samples, all seven of those sequences returned matches to Weddell seals through our 

BLASTN query (Table 3.4). Likewise, our Neighbour-Joining tree places all of our 

sequences within the Weddell seal clade (Fig. 3.2). However, the branch lengths for our 

eDNA cluster suggest our samples display a larger divergence than we expected. This is 

likely due to sequence degradation and low coverage as a result of fragmentation (Sproul and 

Maddison 2017; Jensen et al. 2020). To consider future applications in population genetics, 

these issues would need to be explored and, where possible, resolved to improve sequence 

resolution (Adams et al. 2019; Sigsgaard et al. 2019; Jensen et al. 2020). 

 

3.4.1. Challenges and limitations 

The characteristics and ecology of eDNA have likely slowed progress in the field 

(Taberlet et al. 2018). Critically, the degradation and low yield of eDNA pose a challenge for 

analysis. While our amplified sequences were identified as Weddell seal DNA, the branch 

lengths associated with our samples (fig 3.2) pose an issue for future applications. The long 

branches suggest a relatively high level of divergence between our samples and the GenBank 

Weddell seal sequences (fig 3.2). Given we collected snow from a single seal imprint, this 

divergence is likely due to low sequence quality and poor alignment (Wu et al. 2012). This is 

concerning for future applications of eDNA to population genetics. Long branches separating 

similar samples could lead to populations being incorrectly interpreted as highly divergent 

(Schwartz and Muller 2010; Molina-Venegas and Rodríguez 2017). As a result of this, 

phylogenetic histories could be misconstrued (Richie et al. 2021). Though we are confident in 
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the identity of our samples, inaccurate inferences of divergence may lead to erroneous species 

delineation in studies investigating multiple taxa (Reid and Carstens 2012). Recognizing 

branch lengths is critical for assessing ecological communities, especially those where the 

distribution of closely related and distantly related species is uneven (Weiblen et al. 2006).  

Potential biases in estimates of genetic diversity may arise from PCR and 

sequencing errors (Smith et al. 2014; Adams et al. 2019; Sigsgaard et al. 2019). Amplifying 

and sequencing degraded samples can lead to false alleles or a loss of allelic variation, which 

can in turn bias estimates of genetic diversity (Smith et al. 2014; Adams et al. 2019). Such 

genotyping errors have been shown to correlate with the amount of DNA in a sample and 

thus are of particular concern in non-invasive genetic samples (McKelvey et al. 2010). 

Random errors during amplification or sequencing can lead to a sequence incorrectly being 

defined as a new individual, and therefore, genotyping errors have been flagged as a concern 

for genetic population estimates (Taberlet et al. 1999; Morin et al. 2001; McKinley et al. 

2010). For example, Creel et al. (2003) sampled wolf (Canis lupus) faeces in the United 

States and found that the incorrect identification of sequences as individuals can lead to a 5.5-

fold increase in population estimates. Given the risk of dilute, degraded samples leading to 

inaccurate conclusions, it is important we consider, quantify and reduce error rates when 

optimizing new protocols (Taberlet et al. 1999; Morin et al. 2001; McKinley et al. 2010; 

Adams et al. 2019; Sigsgaard et al. 2019), for example, increasing sampling efforts, using 

positive and negative controls, implementing strict contamination procedures (such as those 

in a dedicated clean laboratory) and increased replication (Taberlet et al. 1999; Morin et al. 

2001; Creel et al. 2003; Broquet et al. 2006; McKinley et al. 2010; Ficetola et al. 2015; 

Goldberg et al. 2016; Adams et al. 2019; Sigsgaard et al. 2019). We suggest evaluating 

existing protocols for the analysis of highly degraded samples within the fields of ancient 

DNA and forensic analysis, which could be adapted for the analysis of eDNA (Handt et al. 
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1994; Gilbert et al. 2005; Fondevilla et al. 2008; Alaeddini et al. 2010; Lan and Lindqvist 

2018; Adams et al. 2019). Additionally, eDNA studies primarily target mitochondrial DNA 

due to its high copy number within environmental samples. However, the evolutionary rate 

for mitochondrial DNA is far greater than nuclear DNA, and the inheritance of mitochondrial 

DNA down the maternal line can exclude critical non-maternal genetic variation, potentially 

impacting phylogenies and lending to biases in branch length (Rubinoff et al. 2006; Grealey 

et al. 2017; Adams et al. 2019). This can lead to variations in the observed divergence 

between nuclear eDNA derived phylogenies compared to phylogenies derived from 

mitochondrial DNA (Rubinoff et al. 2006; Carranza et al. 2016; Pratlong et al. 2016; Adams 

et al. 2019; Sigsgaard et al. 2019). This highlights the value in developing protocols for the 

extraction of nuclear eDNA from samples such as snow (Hellström et al. 2019; Von Duyek et 

al. 2019; Barber-Meyer et al. 2020). 

It is possible that the branch lengths of our sequences are indicative of bioinformatic 

decisions rather than the sequences themselves (Hahn 2007). In a phylogenetic analysis, 

model choice can impact the inferred divergence of aligned sequences (Phillips 2009). While 

Neighbour-Joining trees have seen multiple applications in eDNA studies to construct quick 

trees (Agersnap et al. 2017; Kundu et al. 2019; Suter et al. 2020), generally, Maximum 

Likelihood analysis is considered more accurate, despite not always being favoured due to a 

higher computational cost (Hahn 2007; Stark et al. 2010.). In their study aiming to identify a 

cryptic fox species from tracks in the snow, Dalén et al. (2007) first generated a Neighbour-

Joining starter tree to estimate the substitution parameters for further Maximum Likelihood 

based analysis. For future optimization of this protocol, it would be beneficial to investigate 

more sophisticated phylogenetic methods, such as Maximum Likelihood and Bayesian 

algorithms, especially for complex analyses such as population inferences. 
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The divergence seen in our sequences may be a cause of degraded samples. Once 

shed into the environment, DNA undergoes degradation through a number of biotic and 

abiotic processes (Barnes and Turner 2016; Taberlet et al. 2018; Stewart et al. 2019). While 

cold temperatures have been shown to reduce eDNA degradation, the twenty-four hour polar 

sun may seasonally increase the rate of eDNA degradation in Antarctica (Strickler et al. 

2015; Cowart et al. 2018). Kinoshita et al. (2019) identified both UV and freeze-thaw cycles 

as potential sources of degradation in their snow-sourced eDNA samples. Additionally, 

Kinoshita et al. (2019) observed the failure of samples after a five day storage period 

(freezing <0°C) far shorter preservation than our two months. We recommend limiting 

storage length to minimize the risk of DNA degradation. However, this recommendation may 

be challenging for Antarctic eDNA applications as samples collected in proximity to Scott 

Base need to be held until they can be transported back to New Zealand, and delays on the ice 

can be frequent. This could potentially be addressed by transferring laboratory steps into the 

field. For example, samples could be filtered using enclosed filter units such as Sterivex units 

(Merck Millipore; Sigsgaard et al. 2017; Kinoshita et al. 2019; Tingley et al. 2019; Takahashi 

et al. 2020; Székely et al. 2021). Preservation could be further optimized with the use of 

ethanol or Longmire's buffer (Spens et al. 2017). Additionally, enclosed filter units would 

reduce contamination risk, filtering time and necessary storage capacity (Tingley et al. 2019; 

Takahashi et al. 2020). DNA degradation during storage could be further mitigated through 

the development of on-ice sequencing protocols, using portable sequencing technology such 

as the MinIon Nanopore sequencer (Oxford Nanopore Technologies; Johnson et al. 2017; 

Millán-Aguiñaga et al. 2019).  

The nature of Antarctic fieldwork placed restrictions on our sample design. Samples 

were collected under a permit that allowed for twenty 500 mL bottles of snow, which equated 

to approximately half the volume of water. The general consensus for aquatic eDNA samples 
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suggests that more filtrate leads to a greater chance of eDNA capture (Dalén et al. 2007; 

Mächler et al. 2016; McColl-Gausden 2020). The same appears to be true in the minimal 

literature that exists on snow. Dalén et al. 2007 had limited success in detecting eDNA from a 

single footprint in the snow, while Franklin et al. (2017) and Kinoshita et al. (2019) had 

greater success with samples of two litres and five footprints, respectively. Barber-Meyer et 

al. (2020) were able to make species-level inferences from ten snow tracks but proposed trials 

of twenty to fifty tracks to assess the minimum volume required for nuclear eDNA extraction. 

However, while it is likely the volume of our filtered snow impacted our success rate, we did 

successfully extract, amplify and sequence eDNA from two samples that used only a single 

bottle of snow, whereas a number of our extractions from combined bottles did not 

successfully amplify. Importantly, our limited sample size also meant we were unable to 

collect field blanks (Franklin et al. 2017, Kinoshita et al. 2019). We cannot confidently 

preference one extraction kit, however, we had successful sequences derived from all three 

kits. Further analysis is necessary to draw comparisons, however, it should be noted that all 

prior eDNA extractions from snow used the Qiagen DNeasy Blood and Tissue Kit (Dalén et 

al. 2007, Franklin et al. 2019, Hellström et al. 2019; Kinoshita et al. 2019; Von Duyek et al. 

2019; Barber-Meyer et al. 2020). The subjectivity of eDNA survey design, and poor reporting 

of critical methodology, can inhibit reliable comparisons between datasets (Lear et al. 2018; 

Dickie et al. 2018). Thus standardization should be considered when developing a eDNA 

protocol (Dickie et al. 2018). 

The variety of steps that can be taken to minimize DNA loss highlights the importance of 

communicating methodological challenges as well as successes; continued optimization and 

standardization of eDNA protocols across the field can lead to faster resolutions (Goldberg et 

al. 2016; Spens et al. 2016; Lear et al. 2018; Tsuji et al. 2019; McColl-Gausden et al. 2020). 

Our methodological choices impact the outcome of our eDNA studies and investing time in 
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the development of sound protocols is critical for robust conclusions (Goldberg et al. 2016; 

Lear et al. 2018; Wilcox et al. 2018).  

 

3.4.2 Population genetics 

Environmental DNA applications have expanded considerably over the past decade 

(Cristescu and Herbert 2018; Beng and Corlett 2020). While the method is typically used to 

detect the presence of cryptic, rare, or invasive taxa (Ficetola et al. 2008; Goldberg et al. 

2011; Díaz-Fergeson & Moyer, 2014; Bass et al. 2015; Uchii et al. 2015), the field is 

currently growing in the direction of population genetics (Adams et al. 2019; Sigsgaard et al. 

2019). Mitochondrial haplotypes have been applied to a number of species, from bivalves to 

cetaceans (Sigsgaard et al. 2016; Baker et al. 2018; Parsons et al. 2018; Marshall and Stepien 

2019; Stepien et al. 2019; Pinfield et al. 2019; Tsuji et al. 2020), while targeting multi-allelic 

microsatellites can help differentiate between individuals (Adams et al. 2019, Monge et al. 

2018; Sisgaard et al. 2020). Recent advances have seen single-nucleotide polymorphisms 

(SNPs) utilized to distinguish between genetic signatures (Aylward et al. 2018; Marshall and 

Stapien 2019) and investigate the potential for sex determination from eDNA (Nichols and 

Spong, 2017). Environmental DNA surveys primarily rely on mitochondrial DNA due to its 

abundance in the cell and, consequently, in eDNA samples (Goldberg et al. 2016; Tsuji et al. 

2019). However, improvements in the sensitivity of assays in targeting nuclear eDNA could 

allow us to make more detailed population-level inferences about taxa of conservation and 

management interest (Hellström et al. 2019; Pierszalowski et al. 2013; Von Duyek et al. 

2019). 

The use of eDNA to make population genetic inferences, while promising, is not as 

robust as traditional sampling methods and continues to face a number of challenges (see 

reviews by Adams et al. 2019; Sigsgaard et al. 2019). However, incorporating non-invasive 
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sampling can support increased data collection without needing to weigh up animal welfare 

concerns (Bearzi 2000; Romero and Reed 2005; Coetzee and Chown 2015; Steinmetz et al. 

2021). Additionally, eDNA does not require the sighting, or capture, of the target taxa which 

may prove critical in studies of endangered, cryptic or dangerous species (Mondol et al. 2009; 

Janečka et al. 2011; Sharma et al. 2011; Hellström et al. 2019; Von Duyek et al. 2019). 

Indeed, these advantages have been utilized for preliminary studies on Polar bears (Ursus 

maritimus; Von Duyek et al. 2019), lynx (lynx lynx; Hellström et al. 2019) and wolves (Canis 

lupus; Barber-Meyer et al. 2020). While success in this area is limited, early work suggests it 

is possible to extract nuclear eDNA from snow samples (Hellström et al. 2019; Von Duyek et 

al. 2019). Further optimization and validation of nuclear eDNA protocols are required before 

the tool can be utilized for population genetic inferences (Hellström et al. 2019; Von Duyek 

et al. 2019; Barber-Meyer et al. 2020). The benefit of trialling population genetic studies with 

Weddell seals is in their behaviour; Weddell seals travel on their stomachs and remain close 

to ice holes, increasing the chances of collecting a high-quality eDNA sample. In their study 

addressing population genetics in wolves, Barber-Meyer et al. (2020) yielded the most eDNA 

from samples containing urine and suggested blood stains as another potential source of 

nuclear eDNA. The snow at Weddell seal breeding colonies is often stained (Fig 3.1), and it 

may be useful for targeting potential pools of high-quality nuclear eDNA. Despite this, our 

study returned highly degraded sequences, requiring further optimization of our protocol and 

investigation into degradation factors such as UV (Strickler et al. 2015; Kinoshita et al. 

2019). 
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3.4.3 Monitoring and management applications 

Antarctica's top predators are all dependent on the marine ecosystem, and 

consequently, shifts in their reproductive success can be indicative of a decline in ecosystem 

health (Pande et al. 2017; Hazen et al. 2019; Bestley et al. 2020). However, long-term data is 

required in order to differentiate between natural fluctuations in populations and a pattern of 

decline (Magurran et al. 2010; Pande et al. 2017; Bestley et al. 2020 Piazza et al. 2020). In a 

recent review on birds and mammals for the first Marine Ecosystem Assessment for the 

Southern Ocean (MEASO), Bestley et al. (2020) attributed an increasing understanding of the 

marine ecosystem in part to an increase in novel and more economical survey methods and 

technologies. However, current data on Antarctic vertebrates remains bias by accessibility, 

life-history stage, sex and seasonality (Griffiths et al. 2011; Bestley et al. 2020). For example, 

despite being highlighted as a potential indicator species for krill fisheries, the crabeater seal 

(Lobodon carcinophagus) is not considered a useful indicator by the CCAMLR Ecosystem 

Monitoring Program (CEMP) as they are pack-ice obligates and therefore difficult to target 

for repeated monitoring (https://www.ccamlr.org/en/science/ccamlr-ecosystem-monitoring-

program-cemp; Wege et al. 2020). Genetic studies of crabeater seals have typically been 

carried out using samples from historic sealing, skin biopsy darts or direct handling (Lehman 

et al. 2004; Davis et al. 2008; Curtis et al. 2007, 2009, 2011; Lehnert et al. 2017). In 

particular, invasive chemical restraint can come with a number of risks to pinnipeds, 

including mortalities (Baylis et al. 2015). Additionally, direct handling requires accessing a 

seal before it can retreat into the water. While sampling snow for eDNA analysis of pack-ice 

seals would still require the logistical challenges of boat access, genetic sampling efforts 

could be increased by targeting recently vacated sites, allowing for the sampling of seals 

disturbed prior to capture. 
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The Ross Sea region is important for both pinniped and cetacean populations and 

thus has been declared an Important Marine Mammal Area (IMMA) by the IUCN Marine 

Mammal Protected Areas Task Force (http://www.marinemammalhabitat.org/; Lauriano et al. 

2020). Comparable to other Southern Ocean regions, the trophic interactions in the Ross Sea 

are distinctly complex due to the shelf’s unique geographical features and the resulting 

prominence of notothenioid fishes prominent as both predator and prey within the food web 

(Smith et al. 2017; Bestley et al. 2020; McCormack et al. 2021). In 2016 the Ross Sea Region 

Marine Protected Area was established by CCAMLR to protect an area deemed one of the 

worlds least anthropogenically altered marine systems (Halpern et al. 2008; Ballard et al. 

2012). In order to achieve the best possible estimation of the current state of the system, MPA 

monitoring should utilize a variety of survey tools (Bean et al. 2017; Freiwald et al. 2018; 

Gold et al. 2021). Environmental DNA has been suggested as a novel monitoring tool for 

both established and proposed MPAs (Aizu et al. 2017; Cottier-Cook et al. 2019; Turon et al. 

2020; Gold et al. 2021). The use of eDNA sampling alongside traditional methods such as 

scuba surveys (Lindfield 2014; Gold et al. 2021) provides a complementary approach for the 

construction of baseline estimates of biodiversity that can be used to overlay gaps and address 

biases in traditional monitoring data (Bani et al. 2020; Gold et al. 2021). For example, 

complex seabed structure provides a challenge for traditional trawl surveys, whereas eDNA 

surveys are not impacted by obstacles in the environment (Thompsen et al. 2012, 2016; 

Lacoursière‐Roussel et al. 2018; Closek et al. 2019). Additionally, traditional methods often 

rely on the taxonomic expertise of those undertaking sampling; the molecular identification 

of eDNA is comparatively less subjective, and samples can be collected with minimal 

training (Thompson et al. 2012; Hansen et al. 2018), as was the case in our pilot study with 

all our snow samples collected by non-technical volunteers. The simplicity of eDNA 
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sampling potentially allows for the outsourcing of data collection across a greater spatial and 

temporal field (Chapter 2.6.2).  

A draft Research and Monitoring Plan for the Ross Sea Region MPA highlights the 

necessity for the inclusion of monitoring directly outside of the MPA, including studies from 

fishery vessels (CCAMLR, 2017). The inclusion of eDNA in fisheries monitoring could 

assist with non-lethal stock assessments (Hansen et al. 2018; Jerde 2019). As with novel 

population genetic applications of eDNA (3.4.2), there has been progress in the use of eDNA 

for estimates of species abundance (Pilliod et al. 2013; Doi et al. 2015; Knudsen et al. 2019; 

Lacoursière‐Roussel et al. 2015, 2016; Stoeckle et al. 2017; Tillotson et al. 2018; Lawson 

Handley et al. 2019; Spear et al. 2020; Yates et al. 2020). Spikes in eDNA concentration have 

been linked to spawning events (Bylemans et al. 2016; Tillotson et al. 2018; Antognazza et 

al. 2019; Bayer et al. 2019; Hayer et al. 2020; Tsuji et al. 2020) and migrations (Uchii et al. 

2017; Wu et al. 2019; Thalinger et al. 2019; Halvorsen et al. 2020). While these studies 

indicate a correlation between eDNA concentration and species biomass, the complex 

interaction of biotic and abiotic factors, e.g. organismal eDNA production, degradation and 

dispersal, impact the consistency and reliability of these estimates, and the methods require 

further optimization (Hinlo et al. 2018; Jerde 2019). Both Klymus et al. (2015) and Iversen et 

al. (2015) stress the need for cautious conclusions as this field develops. Current quantitative 

estimates are limited by the reliance on a number of assumptions. The inclusion of data on 

species-specific eDNA persistence, such as in notothenioid icefish in the West Antarctic 

Peninsula (Cowart et al. 2018), will strengthen future estimates, as will the integration of 

models that account for the ecology and transport of eDNA (Fukaya et al. 2020). Progress in 

eDNA abundance estimates would assist Antarctic biodiversity assessments and fisheries 

monitoring (Jerde 2019) and could contribute to our understanding of the state of the Ross 
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Sea toothfish population, a prey species of Weddell seals (Ainley et al. 2009, 2020) and 

Type-C orcas (Orcinus orca; Pitman and Ensor 2003; Lauriano et al. 2020).  

 

3.5 Conclusions 

We successfully detected Weddell seal DNA in seven of our thirty-three snow 

samples collected by volunteers. While our eDNA yield was low, this pilot study is the first 

example of vertebrate DNA being extracted from Antarctic snow samples. We suggest a 

number of ways to further optimize eDNA protocols in future applications of these methods, 

particularly in the storage and filtration of samples. The extreme nature of Antarctica makes 

it an ideal environment to investigate potential novel applications of eDNA surveys in fields 

such as population genetics. While we identified population genetics as a promising direction 

for future Antarctic eDNA surveys, we caution that sequence quality and fragmentation could 

lead to misinterpretations of population divergence and potential errors in species assignment 

(Adams et al. 2019; Sigsgaard et al. 2019). Environmental DNA is a rapidly developing field 

and is continually improving as more research is done on its methodologies and applications 

(Lear et al. 2018; Adams et al. 2019; Sigsgaard et al. 2019; Zinger et al. 2019). While eDNA 

is not suitable as a replacement for traditional methods, it presents an opportunity to 

complement current species' monitoring (Oleksiak et al. 2019; Steinmetz et al. 2021). The 

ability to non-invasively sample Antarctic vertebrate species, such as Weddell seals, is a 

promising addition to current biological surveys in Antarctica. Environmental DNA surveys 

represent an easily accessible, non-invasive diagnostic tool that shows promise for informing 

current and future research on the continent through the contribution to long term monitoring 

efforts. 
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Chapter Four 

Optimizing eDNA protocols for Kororā, little blue penguin 

(Eudyptula minor)  

 
New Zealand's long history of isolation has led to its unique biodiversity; 

however, this has been threatened by the introduction of predatory mammals and 

consequently has led to the decline in endemic fauna. Whilst it is critical to 

protect New Zealand's threatened, and endangered taxa, many species 

considered of least concern are also conservation dependant. One of these 

species is the kororā (or little penguin; Eudyptula minor). Breeding kororā have 

also been proposed as an indicator species for the health of the local marine 

ecosystem; therefore, monitoring their populations has multiple benefits. 

However, to fully assess how an organism functions in its environment, it's 

important to utilise multiple monitoring methods to account for various 

methodological biases and build a more comprehensive understanding of the 

situation. In this study, we look to environmental DNA (eDNA) as a non-

invasive monitoring tool and discuss its current and future applications within a 

New Zealand context. This study utilises shed feathers and tank water from the 

rescue population of kororā at the International Antarctic Centre in Christchurch. 

In addition to direct feather extractions, we trialled filtering self-made feather-

water and penguin tank water using enclosed Sterivex filter units and MarVer3 

universal marine vertebrate primers to extract, amplify and sequence kororā 

DNA. While our direct feather amplifications were unsuccessful, we were able 

to retrieve sequences from both the feather water and tank water samples. A 
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BLASTN query and the construction of a Neighbour-Joining tree identified our 

samples as kororā. However, our branch lengths indicated a high level of 

divergence and the BLASTN metrics showed similar alignments with non-target 

species, likely due to a low quantity and quality of DNA and potential 

contamination. The protocol, therefore, requires further optimisation to ensure 

high confidence in future conclusions. Despite these challenges, we suggest that 

eDNA surveys could be applied to monitoring wild populations of kororā in the 

future, highlighting potential applications that could inform future management 

of the species. 

  

4.1 Introduction 
Anthropogenic modification of the marine environment is a global issue and requires 

long term monitoring to identify trends in biodiversity and ecosystem health (Luypaert et al. 

2020).  However, extensive monitoring programmes can be logistically challenging and 

difficult to implement, limiting our understanding of change (Chilvers 2017). Likewise, the 

ocean is a vast, complex environment and it is not possible to survey the entirety of its taxa, 

particularly given the number of cryptic organisms the marine system encompasses. Though 

all monitoring tools have biases, such as taxa size, niche, behaviour, etc., by combining 

methodologies, we can build a more comprehensive estimate of an ecosystem (Costello et al. 

2017). It is important to develop, trial and standardise emerging technologies to confidently 

refine our understanding of biodiversity and trophic interactions (Dickie et al. 2018; Lear et 

al. 2018; Jeunen et al. 2019). One such emerging technology is Environmental DNA (eDNA), 

that being DNA shed by an organism into the environment and subsequently extracted from a 

sample such as water, air or soil (Taberlet et al. 2012; 2018). There has been growing interest 

in eDNA due to its ability to non-invasively sample taxa across a broad spatial scale without 
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the need to sight, track, or trap an individual. This technology's application is especially 

beneficial for cryptic, endangered and invasive species (Taberlet et al. 2012; 2018; Beng and 

Corlett 2020). Once an eDNA assay is established, eDNA has the benefit of a rapid 

turnaround at a relatively low cost (Evans et al. 2017; Lugg et al. 2018; Beng and Corlett 

2020). Environmental DNA can apply to questions ranging from a multi-species approach 

(metabarcoding) to species-specific detection. In recent years the field has seen the 

development of eDNA applications beyond species detection to questions of population 

genetics and abundance estimates (Adams et al. 2019; Sigsgaard et al. 2019). While eDNA is 

a promising monitoring tool, the currently limited databased can lead to poor taxonomic 

resolution (Kress et al. 2015; Zaiko et al. 2018; Furlan et al. 2020). Additionally, there is a 

risk of false positives and false negative invalidating conclusions. In particular, 

contamination at any stage in the process can introduce false positives and must be accounted 

for. Further research should prioritise the development, refinement and standardisation of 

workflows to minimise these risks (Cristescu and Herbert 2018; Lear et al. 2018; Dickie et al. 

2018; Taberlet et al. 2018; Furlan et al. 2020). 

New Zealand presents a unique landscape for investigating the potential applications 

of eDNA methods both within the marine (Jeunen et al. 2020a, 2020b) and terrestrial 

environment (Holdaway et al. 2017). New Zealand's fauna's evolution, in a landscape 

uniquely free of mammals except for three bat species (pekapeka; orders: Chalinolobus and 

Mystacina), has left many of the endemic species evolutionarily vulnerable to pests (Jay et al. 

2003). Due to established invasive species, New Zealand has an extensive history of national 

monitoring programmes and research through institutions such as the National Institute of 

Water and Atmospheric Research (NIWA) and the Department of Conservation (DOC; 

Parkes et al. 2003; Innes et al. 2009; King and Forsyth 2021). Recent advances in eDNA 

applications and technology have led to the proposal of eDNA as a potential monitoring tool 
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within these frameworks (Holdaway et al. 2017; Wallis 2019). For example, the 

Environmental Protection Agency (EPA) has developed a community-driven initiative, Wai 

Tūwhera o te Taiao, Open Waters Aotearoa programme (www.epa.govt.nz/community-

involvement/open-waters-aotearoa/), utilising eDNA samples collected by the public to map 

New Zealand's biodiversity. As eDNA surveys are increasingly used to survey New Zealand's 

taxa, we must consider the accessibility and ownership of the data generated. While eDNA 

programmes are reliant on extensive, open, reference databases, researchers must consider the 

question of data management. Currently, the field of eDNA lacks the enforcement of a clear 

ethical framework for data sovereignty. It is critical researchers engage and collaborate with 

indigenous stakeholders, iwi and hapū, and consider culturally significant taxa, such as 

mahinga kai (food species) and taonga (treasured species), that may be detected and 

sequenced in the process of an eDNA survey (Holdaway et al. 2017; Collier-Robinson et al. 

2019). In regards to eDNA, Handsley-Davis et al. (2020) discuss the risks of inadvertently 

revealing information that can be damaging or distressing to first nations people, especially in 

the case of ancient eDNA (aeDNA). While the paper is written in the context of Australia's 

traditional owners, these considerations also apply in New Zealand.  

 

4.1.1 Biosecurity 
Protecting New Zealand's biodiversity calls for strict biosecurity measures, which is 

increasingly challenging in a globalised world (Jay et al. 2003). Biosecurity management 

requires a framework that detects and prevents the entry of potential threats (Jay et al. 2003; 

Collins et al. 2013; Zaiko et al. 2018). Additionally, that framework should include 

surveillance systems for the early detection of non-indigenous species and programmes for 

monitoring and managing established pests (Jay et al. 2003; Zaiko et al. 2018). Positive 

biosecurity outcomes are best achieved by amalgamating complementary methods, i.e. 
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utilising methods that address different biases or limitations (Von Ammon et al. 2018; Banks 

et al. 2020). The integration of eDNA surveys in biosecurity monitoring in New Zealand 

could be beneficial across invasion timelines (Zaiko et al. 2018). The utilisation of eDNA at 

the New Zealand border could assist in biosecurity prevention measures. For example, 

identifying live imports (Collins et al. 2013), screening baggage and footwear in airports 

(McNeill et al. 2011; Bulman et al. 2018) and assessing marine vectors such as bilge and 

ballast water (Zaiko et al. 2015, 2020; Ponchon et al. 2017).  

Should a species make it past the New Zealand border, early detection is critical 

(Riccardi et al. 2017; Von Ammon et al. 2018). Similarly, once a species becomes 

established, understanding distribution is important for control and management (Zaiko et al. 

2020; Wood et al. 2019, 2020; Von Ammon et al. 2019a, 2019b; Banks et al. 2020). Banks et 

al. (2020) compared eDNA methods to hand net counts for a freshwater pest, the mosquito 

fish (Gambusia affinis) and suggested eDNA sampling may resolve access limitations at 

private or inaccessible sites. In the marine environment, researchers have suggested eRNA 

may have benefits over eDNA for inferring living invasive organisms in a locality such as 

invasive Mediterranean fanworms (Sabella spallanzanii; Von Ammon et al. 2019; Wood et 

al. 2020). Continued research on the factors that impact eDNA and eRNA persistence is 

critical as we consider applications to invasive species monitoring and environmental 

assessments (Zaiko et al. 2018; Von Ammon et al. 2019). 
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4.1.2 Environmental monitoring 

Environmental DNA can assist in our understanding of anthropogenic disturbance 

across a landscape. For example, Laroche et al. (2016, 2017, 2018) assessed the impacts of 

offshore oil extraction in the South Taranaki Bight by metabarcoding local benthic 

communities, suggesting the formation of site-specific assemblages. Likewise, eDNA surveys 

apply to other New Zealand industries' biomonitoring, such as agriculture (Wakelin et al. 

2016) and aquaculture (Ponchon et al. 2015; Pearman et al. 2020). Environmental DNA 

extracted from sediment samples can be used to infer a relationship between community 

composition and New Zealand salmon farms (Ponchon et al. 2015; Pearman et al. 2020). 

Thus eDNA surveys could inform management programmes and provide critical information 

to develop thresholds and mitigation strategies. In addition to clear sources of disturbance, 

eDNA surveys can target vulnerable ecosystems such as wetlands (Woods et al. 2021). 

Importantly, by adapting the design of an eDNA survey, we can investigate various research 

questions. Hogg et al. (2019) reviewed potential eDNA and DNA barcoding surveys' 

potential applications to the restoration of New Zealand lakes, e.g. assessing water quality, 

monitoring invasive species, identifying cryptic taxa and estimating community assemblages. 

Routine monitoring using eDNA will continue to improve as reference databases grow (Hogg 

et al. 2019). While the use of eDNA for population estimates may not currently be applicable 

in the fisheries industry, a workshop held by the Ministry for Primary Industries (MPI) and 

Fisheries New Zealand (2020) proposed the collection and storage of eDNA samples in 

preparation for future advances (Mace et al. 2020). While future developments of genetic 

methods and technology are promising, current e-DNA surveys already offer a cost-effective 

environmental assessment tool (Ramón-Laca et al. 2014).  
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4.1.3 Trophic interactions 

Environmental DNA applies to questions on the connectedness of taxa across New 

Zealand's ecosystem. By metabarcoding faecal samples, we can make inferences about 

trophic dynamics. Metabarcoding of Bryde's whales (Balaenoptera edeni brydei) faeces 

suggest prey preference influences the whales' persistence in the Hauraki Gulf (Carroll et al. 

2019). Thus eDNA can contribute to management by inferring bottom-up trophic pressures 

(Carroll et al. 2019). Likewise, dietary analysis can be used to evaluate the competition 

between New Zealand fauna and industry. Environmental DNA has been used to demonstrate 

a 10 % overlap between local fisheries catch and the diet of the kekeno (New Zealand fur 

seal, Arctocephalus forsteri; Emami-Khoyi et al. 2016). Additionally, ancient eDNA 

(aeDNA) from coprolites (fossilised faeces) can infer foraging behaviour and niche 

partitioning in an extinct species such as the moa (Order: Dinornithiformes; Wood et al. 

2008, 2012, 2013, 2020; Boast et al. 2018). Similarly, we can establish the diet of a critically 

endangered species, the kākāpō (Strigops habroptilus), prior to current range restrictions 

(Boast et al. 2018). By investigating the role an extinct or invasive species played in 

dispersal, aeDNA can infer the legacy of anthropogenic disturbance, which can inform 

modern conservation (Boast et al. 2018; Wood et al. 2020).  

Environmental DNA from faeces can be especially valuable in the management of 

endangered species. Traditional morphological analysis of faeces is bias against soft-bodied 

organisms; however, studies applying eDNA to dietary analysis have highlighted it's potential 

to address this concern (Boyer et al. 2011; Carroll et al. 2019). One such example is from 

endangered carnivorous land snails (Powelliphanta augusta), where faecal DNA analysis 

confirmed an earthworm diet (Boyer et al. 2011; 2013). Importantly, Boyer et al. (2013) 

established that P.augusta diet is not specific to a single earthworm species. Understanding 

diet specificity is key to conservation efforts and is necessary for informing restoration and 
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translocation programmes (Boyer et al. 2013; Waterhouse et al. 2014). Another important 

consideration in conservation research and management is ethical best practice (Costello et 

al. 2016; Zemanova et al. 2020). Environmental DNA surveys are typically both non-invasive 

and non-disruptive, which can be critical for monitoring endangered species such as the hoiho 

(yellow-eyed penguin, Megadyptes antipodes; Young et al. 2020). While eDNA lacks the 

resolution of traditional methods such as stomach flushing, metabarcoding of faecal samples 

can support complimentary, ethical, long-term monitoring of an endangered species (Young 

et al. 2020). 

 

4.1.4 Detecting threatened species 

Monitoring threatened species distribution can be challenging due to low detection 

probability (Robinson et al. 2018; Folt et al. 2019). However, eDNA surveys do not require 

the sighting, or capture, of target taxa, thus addressing some of the limitations and biases that 

arise in traditional monitoring (Thomsen and Willerslev et al. 2015; McColl-Gausden et al. 

2020; Neice and McRae 2021). While there has been minimal application of eDNA to 

mapping New Zealand's threatened species (Doyle et al. 2015, Jeunen et al. 2020), the 

methods have seen success elsewhere. For example, eDNA extracted from Brisbane 

waterways in Australia, coupled with historical observations, suggest regions inhabited by 

threatened platypus have declined (Lugg et al. 2018). Likewise, comparisons with traditional 

Fyke net surveys for platypus in Victoria found eDNA not only to be more cost-efficient, but 

the surveys had a comparatively reduced sampling risk (McColl-Gausden et al. 2020). 

Additionally, Victorian platypus surveys utilised community scientists, increasing both public 

engagement in conservation and sampling efforts (Melbourne Waterways, 2019; McColl-

Gausden et al. 2020).  
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While New Zealand has no freshwater aquatic mammals, eDNA methods apply to 

other native species. Researchers in the United States investigated eDNA surveys as a tool for 

assessing the distribution of threatened black rails (Laterallus jamaicensis), which are easily 

concealed in their wetland habitats (Neice and McRae 2021). Validated with traditional 

callback surveys, black rail eDNA surveys highlighted the value of small pools for 

accumulating DNA (Neice and McRae 2021). These methods could apply to many of New 

Zealand's threatened wetland and riverine species, and indeed eDNA has already shown 

promise for monitoring whio (blue duck, Hymenolaimus malacorhynchos; Doyle 2015). 

Environmental DNA surveys can also apply to species not typically associated with water. In 

northern Australia, Day et al. (2019) detected threatened Gouldian finches in the waterholes 

they use to drink. Importantly, eDNA detection indicated finch presence within seventy-two 

hours but stressed the need for further investigation into eDNA persistence in waterholes. 

Thus, Day et al. (2019) highlight captive populations' value for initial controlled trials and 

optimisation before applying to wild populations. One species in New Zealand that meets 

these criteria is the kororā (little blue penguin, Eudyptula minor), with a captive population at 

the International Antarctic Centre in Christchurch. While assessed as a species of least 

concern by the IUCN (BirdLife International, 2020), the kororā is largely considered 

conservation dependent, particularly in the face of ongoing threats from invasive predators 

and urbanisation (Challies et al. 2004, 2015; Allen et al. 2011; Robertson et al. 2016; Wilson 

and Mattern 2018; Cargill et al. 2020).  
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4.1.5 Kororā (Eudyptula minor) as a study species 

Found across the coastlines of New Zealand and Southern Australia, the kororā,  

also known as the little penguin, and the fairy penguin, is the smallest of the penguins (Reilly 

1994). The kororā has caused some contention regarding taxonomic delineation (Kinsky and 

Falla 1976; Banks et al. 2002; 2010; Clark et al. 2012). Historically the kororā was divided 

into six subspecies, based on morphological characteristics and regional specificity (Kinsky 

and Falla 1976; Talor 2000a, 2000b), whereas they are currently considered a single species 

(Wilson and Mattern 2018; BirdLife International, 2020). However, these two conflicting 

taxonomic delineations coexisted, with Eudyptula minor considered a single species as early 

as 1990 (Marchant and Higgins 1990). Current taxonomic understanding suggests Eudyptula 

minor should be recognised as two clades, a New Zealand and an Australian clade, though 

the kororā of Otago fall within the Australian clade (Banks et al. 2002; 2010; Peuker et al. 

2009; Clark et al. 2012, Waugh et al. 2016). Grosser et al. (2015) targeted the mitochondrial 

control region, mitochondrial cytochrome c oxidase subunit 1 (COI). They found a greater 

divergence between Australian/Otago and New Zealand Eudyptula minor than between 

Magellanic penguins (Spheniscus magellanicus) and African penguins (Spheniscus 

demersus). In addition to mitochondrial evidence (Banks et al. 2002; Grosser and Waters 

2015), Observed variations in morphology, vocalisations, and behaviour further support the 

existence of two clades (Banks et al. 2002; Grosser et al. 2015, 2016, 2017).  

The white-flippered penguin, a morphological variant of Eudyptula minor unique to 

the Canterbury region in New Zealand (Challies & Burleigh 2004), has also caused debate. 

Baker et al. (2006) reported a genetic split between white-flippered penguins (previously 

referred to as Eudyptola albosignata or Eudyptola minor albosignata) and other Eudyptula 

minor morphotypes. However, Banks et al. (2002) and Peuker et al. (2009) found little 

mitochondrial evidence supporting phylogenetic separation. Despite this, recent genomes 
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published by Pan et al. (2019) refer to the Australian little penguin (Eudyptula 

novaehollandiae) as a separate species, while dividing the New Zealand kororā into two 

subspecies; the New Zealand kororā (Eudyptula minor minor) and the white-flippered 

penguin (Eudyptula minor albosignata). Similarly, in a recent summary of the conservation 

status of New Zealand Birds, the Department of Conservation (DOC; Robertson et al. 2016) 

not only refers to the white-flippered penguin as a subspecies but includes three other 

subspecies; the northern blue penguin (Eudyptula minor iredalei), the southern blue penguin 

(Eudyptula minor minor) and the Australian little blue (Eudyptula minor novaehollandiae). In 

the report, Eudyptula minor novaehollandiae was classed as recovering. The remaining three 

subspecies were categorised as at risk, with a partial decline and, in the case of the white-

flippered penguin, conservation dependent. Notably, the white-flippered penguin was 

upgraded from threatened due to successful conservation management (Robertson et al. 

2016). Wilson and Mattern (2018) stressed the importance of clarifying the taxonomy of the 

kororā as it could have important implications for conservation management. For example, 

should the white-flippered penguin be reassessed as a subspecies, its management priority 

would likely increase. 

Kororā have been proposed as a potential indicator species for the marine ecosystem 

(Dann and Chambers 2013; Chilvers 2017). An indicator species being an organism whose 

population reflects the state of the environment or other communities' health within an 

ecosystem (Niem and McDonald 2004; Chilvers 2017). Despite their generalist diet, kororā 

are range-restricted during breeding season due to the need to frequent their nest. Thus, local 

impacts are likely to affect the species, and changes in kororā survival and reproductive 

output could indicate the health of local coastlines (Dann and Chambers 2013; Chilvers 

2017).  The Banks Peninsula kororā population has previously undergone an extensive census 

(Challis et al. 2004), and recent efforts have seen the implementation of community science 
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to reassess the population (https://bluecradle.org/penguin-project/). Understanding this 

population dynamics could build a baseline for comparisons across temporal and spatial 

scales (Agnew et al. 2014). Notably, while Eudyptula minor has been extensively studied, 

most of this research has centred on the Phillip Island population in Australia (Wilson and 

Mattern 2018). It is important to investigate New Zealand populations of kororā as not only 

are colonies typically much smaller than in Phillip Island, but the plasticity of kororā ecology 

means that colonies vary in several factors critical for conservation management (Wilson and 

Mattern 2018). Kororā require both a healthy marine environment and a protected terrestrial 

habitat; therefore, understanding the population could inform management across the marine 

and terrestrial spheres. Wilson and Mattern (2018) identified critical research priorities for 

kororā, including taxonomic clarification, population monitoring, marine ecology, breeding 

biology and threats (e.g. predation). Environmental DNA presents one tool in which we can 

begin to address key concerns for kororā. For example, eDNA surveys could help map kororā 

habitat use and distribution, both regionally and across colonies. Thus we could investigate 

different disturbance scenarios faced by colonies, such as the predator-free Motunau Island 

(Beach et al. 1997), Banks Peninsula, with its extensive mammal trapping programme and 

marine reserve (Robertson et al. 2016) and the heavily urbanised St Kilda breakwater in 

Melbourne (Giling et al. 2008). Importantly, the captive population of kororā at the 

International Antarctic Centre in Christchurch means that eDNA methods can be developed 

and tested in a controlled setting before surveying the wild kororā of Banks Peninsula. The 

development of an eDNA protocol for kororā could, with further optimisation and 

standardisation, be applied to conservation programmes for New Zealand's endemic species.  
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4.1.6 Aims and objectives of this study 

 This study aims to optimise eDNA methods for monitoring a species of 

conservation concern, the kororā. Methods for the sampling, extraction, amplification and 

sequencing of kororā DNA will be tested using water samples from the captive kororā 

population at the International Antarctic Centre in Christchurch. We discuss the challenges of 

developing an eDNA survey and highlight the importance of optimising sampling and 

laboratory protocols before implementing an eDNA survey. Establishing and standardising 

the laboratory component of an eDNA survey or programme is often the most costly 

component in both time and money and can mean the difference between robust conclusions 

and a high level of uncertainty (Dickie et al. 2018; Zinger et al. 2019). In designing an eDNA 

protocol for the extraction of kororā DNA, this study looks towards establishing methods that 

could be applied to current monitoring efforts for the wild kororā population on the Banks 

Peninsula. We discuss key considerations in the New Zealand context and look to future 

management applications of eDNA for conserving New Zealand's unique taxa. 

 

4.2 Methods 

4.2.1 Sampling and filtration 

We tested three sample types for penguin eDNA extraction, all of which were 

provided by the International Antarctic Centre in Christchurch. First, directly from kororā 

feathers, which had been stored at room temperature for an unknown period. Feathers were 

primarily down, though we were supplied with some moult feather samples that still appeared 

to have skin cells attached. For our second sample type, we used feathers soaked in water. 

Having observed faecal matter on the feathers, we filled sterile 50 mL tubes with feathers and 

MilliQ H2O and left them to soak for 2-7 days at 4 °C. Finally, our third sample type was 
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water directly from the penguin tank. Water was collected immediately before scheduled 

cleaning of the International Antarctic centre tank, which houses a number of Adult kororā, 

including the white-flippered morphotype. The penguin tank was exposed, and at the time of 

collection (approximately midday), it was overcast and raining. During this period, there 

were no penguins in the water and sampling was done from a single point of the tank, away 

from the colony. Using sterile 60 mL syringes, 300 mL of tank water was filtered through 

0.22 μL (polyethersulfone membrane, gamma-irradiated) Sterivex filters (Merck, Millipore; 

Spens et al. 2017). After filtration, empty syringes were used to push air through the filter and 

remove any remaining liquid. Gloves were worn throughout the entire process. Before DNA 

extraction, filters were stored for a maximum of three days at 4°C. 

 

4.2.2 Extractions 

Our first sample type were kororā feather root tip extractions. These extractions 

were done using a modified version of the Invitrogen PureLink Genomic DNA Mini Kit 

protocol for mammalian tissue and mouse/rat tails. Root tips were cut directly into 180 μL 

Genomic digestion buffer. Initially, we used three root tips (LBP03-LBP06). After little 

success, we increased this to five tips. Root tips were cut, crushed and pressed so that they 

would sink in the digestion buffer. Feather root tips were left in the digestion buffer at room 

temperature overnight. Pro-K was then added, as directed in the protocol, and the mixture 

was vortexed for 5s and spun for 5s. The lysate was moved to the shaking heat block (set to 

56°C and 750 rpm for 5 minute intervals). Samples were left for a further 48h, and an 

additional 20 μL Pro-k was added 2h before the end of the incubation period. Before 

proceeding with the protocol, the lysate was vortexed (5s) and spun (5s). The final elution 

volume was 50 μL, which was left to incubate at room temperature for 7 minutes prior to 

centrifugation. 
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Our second and third sample types, feathers soaked in water and penguin tank water 

respectively, were extracted using the same protocol. Both extractions were done directly 

from the enclosed Sterivex units using a modified spin-column protocol for the Qiagen 

DNeasy Blood and Tissue Kit (Tingley et al. 2019). One end of the Sterivex unit was sealed 

with parafilm, and 540 μL of ATL buffer and 40 μL Pro-k was then pipetted directly into the 

filter unit. The leur lock end was then sealed, and the entire unit was placed in a rotating 

hybridisation oven set to 56°C for 3h. Both ends of the Sterivex unit were then unsealed, and 

a sterile syringe was used to push the lysate into a microcentrifuge tube. 500 μL of buffer AL 

was added to the lysate, which was then vortexed before adding 500 μL of ethanol. The 

mixture volume required adding to the DNeasy Mini spin columns and centrifuging in two 

parts. The extraction then returned to the standard Qiagen DNeasy Blood and Tissue 

protocol. The only additional change was an elution volume of 50 μL, which was incubated 

for 7 minutes before centrifugation. 

 

4.2.3 PCR and sequencing 

Successful DNA extractions were amplified using PCR and combined forward and reverse 

MarVer3 primers (Valsecchi et al. 2020). MarVer 3 primers were forward: 

AGACGAGAAGACCCTRTG and reverse: GGATTGCGCTGTTATCCC. We used the 

Biotaq PCR kit (Bioline) for our reaction mix. For each PCR run, we included two positive 

controls (λ DNA and pipefish, Stigmatopora nigra) and negative control (MilliQ water). Each 

PCR mix used 2 μL of primers. In most cases this was the MarVer3 mix, however, the λ 

DNA positive control used a λ DNA specific primer. In the case of two amplifications 

LBP27A and LBP27B, we trialled 5 μL and 7 μL of the sample respectively, but due to 

similar gel electrophoresis runs (Fig. 4.1), we opted to use 5 μL for the remaining samples. 

Reactions were then made up to 20 μL using a master mix of 8 μL MilliQ H2O, 2 μL buffer, 
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2 μL dNTP0.6 μL MgCl2 and 0.4 μL TAQ per reaction. The thermocycling conditions were: 

an initial denaturation step for 4 minutes at 94°C followed by 38 cycles at 95°C for 30 

seconds then 30 seconds at 8/10/10/10 cycles for the annealing temperatures 

54°C/55°C/56°C/57°C. This was followed by 40 seconds at 72°C with a final extension at 

72°C for 5 minutes (Valsecchi et al. 2020). 2.5 μL of PCR products were combined with 2.5 

μL dye and electrophoresed on a 1.4 % Agarose Gel for 45 minutes at 90V. The gel was 

submerged in a 1x Sodium Borate buffer, and we used Invitrogen Sybr-Safe stain. An EZ 

ladder was also run for comparison. Successfully amplified sequences were cleaned with the 

DNA Clean & Concentrator-5 (Zymo Research) according to the supplied protocol. The final 

product was checked using High Sensitivity reagents and the Qubit fluorometer and was then 

given to the Canterbury Sequencing and Genotyping facility for Sanger sequencing. In 

addition we trialled Tele02 primers (Table 3.2) using two gradient PCRs with annealing 

temperatures from 44.9°C to 55.1°C and from 39.9°C to 60.3°C. The thermocycling 

conditions were 30 s at 95°C, 40 cycles at 95°C for 30 s, then 60 s at the annealing 

temperature and 30 s at 72°C, the final extension was for 5 minutes at 72°C. When this 

returned no results, all subsequent PCR's were run using the MarVer3 primers. 

 

4.2.4 Phylogenetic analysis 

The resulting eDNA sequences were assessed using the Megablast algorithm (Zhang et al. 

2000; Morgulis et al. 2008) in the Basic Local Alignment Tool (BLASTN 2.11.0+, Altschul 

et al. 1990) and run against the National Centre for Biotechnology Information (NCBI) 

nucleotide database. We assessed sequences with a low Expect value (E-value) and a 

percentage identity greater than 90 %. For sequences identified as high similarity, we 

downloaded the GenBank 16srRNA sequences. We also downloaded the sequence for our 

outgroup, the emperor penguin (Aptenodytes forsteri, NC027938.1), in FASTA format from 
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the GenBank database (www.ncbi.nlm.nih.gov/genbank/), as well as sequences from the 

Eudyptes genus that scored highly (for our BLASTN search. Sequences were then assessed in 

Geneious Prime (v.2021.0.3; Biomatters Ltd., New Zealand; Kearse et al. 2012; 

https://www.geneious.com). We aligned and visually checked our sequences with the 

Geneious alignment algorithm (Biomatters Ltd) under default settings with a similarity of 70 

% selected. One of our sequences (IAC06) did not align and was excluded from our tree. We 

constructed a Neighbour-Joining tree using the Hasegawa–Kishono–Yano (HKY; Hasegawa 

et al. 1985) model of substitution with bootstrapping replicated set to 1000. The Neighbour-

Joining was rooted to the emperor penguin outgroup. The resulting tree was then edited in the 

Interactive Tree of Life programme (iTOL, v.4; Letunic and Bork 2019). 

 

4.3 Results 
We had no success extracting and amplifying DNA directly from the kororā feather root tips. 

However, we successfully extracted and amplified eDNA from seven of our nine feather-

water samples and all of our tank water samples, despite initial Qubit results for our tank 

samples all below 0.335 Ng/ μL (Table 4.1). Comparably our feather samples range from 

undetectable to 1.7 Ng/ μL and none were successfully amplified, while the feather water 

samples ranged from 1.5-6.7 Ng/ μL (Table 4.1). Gel electrophoresis runs all showed bands 

in the 250 bp range as expected with the MarVer3 primers. However, the gel runs for the 

penguin tank samples showed a faint band in the negative control, though further analysis 

with the Qubit Fluorometer returned a value of <0.1 ng/μL. The successfully amplified 

sequences queried in BLASTN ranged from 239-263 base pairs (bp). In two cases (IAC06 

and IAC08), no similar sequences when queried in BLASTN. However, all other samples 

returned similar alignments to three Eudyptula minor sequences (accession numbers: 

AF362763.1, DQ137164.1, DQ137163.1 [albosignata]) using the BLASTN metrics for 

similar alignment, sorted by the Expect value (E-value; Table 4.2). However, a number of our 
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E-values were low (Table 4.2), with one falling below e-3 for the feather water trials (LBP33, 

1e-16) and three for the tank water trials (IAC02, 7e-30; IAC03, 4e-22; IAC04, 2e-15). An 

additional two of the feather water samples fall below e-5 (LBP24, 7e-34; LBP35, 1e-36) as 

do two tank samples (IA05, 6e-40; IAC07, 6e-35). While four of our tank samples had a 

query cover off less than 50 % (IAC03, 44 %; IAC04, 40 %; IAC05, 46 %; IAC07, 46 %). 

For sample LBP29 sixty-three sequences aligned with a percentage identity >90 %, with only 

the top four sequences from Eudyptula minor, most of these sequences were not from New 

Zealand species or species know to be sequenced within the laboratory except for the kākāpō 

(Strigops habroptilus). However, the query cover for most of these alignments was below 50 

%, except for Eudyptula minor (80-88 %), the kākāpō (query cover 85 %, E-value 4e-37, 

percentage identity 92.37, max score 167 and total score 281) and the white-bellied heron 

(Ardea insignis, query cover 87 %, E-value 5e-36, percentage identity 90.91, max score 163 

and total score 262) a species not found in New Zealand. Similarly, the top 100 BLASTN 

results for IAC01 had a percentage identity greater than 90 %, including high similarity to the 

northern rockhopper penguin (Eudyptes moseleyi; query cover 73 %, E-value 6e-65, 

percentage identity 91.98, max score 259 and total score 259) as well as the royal penguin 

(Eudyptes schlegeli), macaroni penguin (Eudyptes chrysolophus) and snares penguin 

(Eudyptes robustus) all returning a query cover 73 %, E-value 4-62, percentage identity 

90.91, max score 250 and total score 250. However, our Neighbour-Joining tree shows all 

eDNA sequences clustered with the GenBank Eudyptula minor sequences (Fig 4.3), except 

for IAC6, which did not successfully align. The bootstrap value associated with this cluster is 

99.9 showing high confidence in their position. However, the associated branch lengths are 

long. This is particularly true for the samples taken from the International Antarctic Centre 

penguin tank which range from 0.45-0.63 substitutions per site, showing a high level of 
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divergence. Comparatively, the branch lengths for the GenBank Eudyptula minor sequences 

show a distance of 0.09 from the Aptenodytes fosteri outgroup.  

 
Table 4.1. Qubit Fluorometer results (Ng/ μL) for little penguin (Eudyptula minor) trials. Indicating 

the source (Feather, Feather Water and Tank Water), whether DNA was successfully amplified 

(Y=yes, N=no) and the pre- and post-PCR DNA yield after amplification with MarVer3 primer in 

nanograms per microlite (Ng/ μL). 

Sample Source DNA Amplified Ng/ μL Pre-PCR Ng/ μLPost-PCR 

LBP03 Feathers N <0.01 - 

LBP04 Feathers N <0.01 - 

LBP05 Feathers N <0.01 - 

LBP06 Feathers N 1.7 - 

LBP07 Feathers N 0.27 - 

LBP08 Feathers N 0.44 - 

LBP09 Feathers N 0.40 - 

LBP10 Feathers N <0.01 - 

LBP11 Feathers N 0.06 - 

LBP12 Feathers N 0.19 - 

LBP13 Feathers N 0.20 - 

LBP14 Feathers N 0.27 - 

LBP15 Feathers N 0.12 - 

LBP16 Feathers N 0.21 - 

LBP17 Feathers N 0.26 - 
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LBP18 Feathers N <0.01 - 

LBP19 Feathers N <0.01 - 

LBP20 Feathers N 0.42 - 

LBP22 Feathers N 0.18 - 

LBP23 Feathers N 0.89 - 

LBP24 Feathers N 0.94 - 

LBP21 Feather water Y 0.15 22.3 

LBP25 Feather water Y 1.99 24.0 

LBP27 Feather water Y 6.70 11.4 

LBP28 Feather water Y 1.43 23.3 

LBP29 Feather water Y 0.83 27.4 

LBP32 Feather water N 3.01  - 

LBP33 Feather water Y 2.01  4.8 

LBP34 Feather water N 2.20  - 

LBP35 Feather water Y 0.62  24.3 

IAC01 Tank water Y 0.335 19.1 

IAC02 Tank water Y 0.220 17.8 

IAC03 Tank water Y 0.265 10.4 

IAC04 Tank water Y 0.272 9.9 

IAC05 Tank water Y 0.297 22.8 

IAC06 Tank water Y 0.323 11.7 
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IAC07 Tank water Y 0.294 11.6 

IAC08 Tank water Y 0.335 6.6 

 
 

 

Table 4.2. BLASTN query results indicating the species and accession numbers for the sequences most closely 

aligned to our eDNA sequences. LBP samples are all from feather water extractions, while IAC samples were 

from tank water at the International Antarctic Centre. The table shows the Query length of our eDNA sequence 

in base pairs (bp) as well as metrics for similarity; Percentage identification, Expect value (E-value), Query 

cover (%) as well as the highest alignment score (Max score)and the sum of these scores (Total score). 

Sample Species Match Accession 

Number 

Percentage 

ID (%) 

E-

value 

Query 

cover 

(%) 

Max 

Score 

Total 

Score 

Length 

(BP) 

LBP21 Eudyptula 

minor/ 

E.m. 

(albosignata)  

AF362763.1 

DQ137164.1 

DQ137163.1 

90.76 7e-34 78 156 273 239 

LBP25 Eudyptula 

minor/ 

E.m. 

(albosignata) 

AF362763.1 

DQ137164.1 

DQ137163.1 

96.02 3e-97 88 366 366 253 

LBP27A Eudyptula 

minor/ 

E.m. 

(albosignata) 

AF362763.1 

DQ137164.1 

DQ137163.1 

90.09 2e-73 88 287 287 250 

LBP27B Eudyptula 

minor/ 

E.m. 

(albosignata) 

AF362763.1 

DQ137164.1 

DQ137163.1 

91.44 9e-78 86 302 302 252 

LBP28 Eudyptula 

minor/ 

AF362763.1 

DQ137164.1 

DQ137163.1 

88.64 1e-66 86 265 265 251 
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E.m. 

(albosignata) 

LBP29 Eudyptula 

minor/ 

E.m. 

(albosignata) 

AF362763.1 

DQ137164.1 

DQ137163.1 

93.28 4e-46 88 196 312 247 

LBP33 Eudyptula 

minor/ 

E.m. 

(albosignata) 

AF362763.1 

DQ137164.1 

DQ137163.1 

86.52 1e-16 61 99 188 255 

LBP35 Eudyptula 

minor/ 

E.m. 

(albosignata) 

AF362763.1 

DQ137164.1 

DQ137163.1 

91.60 1e-36 88 165 288 247 

IAC01 Eudyptula 

minor/ 

E.m. 

(albosignata) 

AF362763.1 

DQ137164.1 

DQ137163.1 

97.33 4e-82 73 316 316 253 

IAC02 Eudyptula 

minor/ 

E.m. 

(albosignata) 

AF362763.1 

DQ137164.1 

DQ137163.1 

88.24 7e-30 77 143 266 260 

IAC03 Eudyptula 

minor/ 

E.m. 

(albosignata) 

AF362763.1 

DQ137164.1 

DQ137163.1 

84.62 4e-22 44 143 264 263 

IAC04 Eudyptula 

minor/ 

E.m. 

(albosignata) 

AF362763.1 

DQ137164.1 

DQ137163.1 

83.33 2e-15 40 95.3 95.3 249 

IAC05 Eudyptula 

minor/ 

AF362763.1 

DQ137164.1 

93.28 6e-40 46 176 176 254 
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E.m. 

(albosignata) 

DQ137163.1 

IAC06 No sig. 

similarity found 

- - - - - - 261 

IAC07 Eudyptula 

minor/ 

E.m. 

(albosignata) 

AF362763.1 

DQ137164.1 

DQ137163.1 

90.76 6e-35 46 159 159 255 

IAC08 No sig. 

similarity found 

- - - - - - 259 
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Figure 4.1. A 1.4% Agarose Gel electrophoresis image with all successful bands showing in the 250 bp region. 

The run included three positive controls, a lambda DNA control (λ +ve control), and two pipefish DNA controls 

(+ve control SB16 and SB17), in addition to a negative control (-ve control). All samples were amplified using 

MarVer3 primers. LBP03 and LBP04 are direct Eudyptula minor feather extractions. The LBP27 was amplified 

with different volumes of sample, 5 μL (A) and 7 μL (B). TR03+04 (Q, V, Z) are all from snow samples 

(Chapter Three) 

 

 
Figure 4.2. Gel electrophoresis image showing the eDNA samples from the Eudyptula minor tank at the 

International Antarctic Centre in Christchurch. All bars are in the 250bp region. There is some contamination in 

the negative control (-ve control).  The lambda positive control (λ +ve control) is not expected to show bands in 

the same region.  
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Figure 4.3. Neighbour-Joining comparing feather water and tank water eDNA samples to penguin 

(order Sphenisciformes) 16s rRNA sequences retrieved from Genbank. Using the Emperor penguin 

(Aptenodytes forsteri) as our outgroup. The neighbour-joining tree was constructed using the 

Hasegawa–Kishono–Yano (HKY) distance model with bootstrap values of 1000 replicated. Red 

circles indicate values <70, purple 70<n<95. Samples taken from the International Antarctic centre 

tank are shown in bold. 

 

4.4 Discussion 

This study investigated the potential application of non-invasive samples for monitoring 

kororā, specifically using feather and water samples. While we had no success extracting and 

amplifying DNA from the feather root tips, we were able to retrieve DNA sequences from 

both self-made feather water and the penguin tank at the International Antarctic Centre in 

Christchurch, highlighting the value of eDNA surveys. All but one (IAC06) of these 

sequences aligned with GenBank Eudyptula minor sequences through a BLASTN query 

(Table 4.2). Likewise, all but IAC06 were clustered with Eudyptula minor on our Neighbour-
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Joining tree, and the cluster was associated with a high bootstrap value (Fig 4.1). However, 

long branch lengths in our phylogenetic tree suggest a higher degree of divergence than we 

would expect within the species, likely due to the low quality of the sequence and 

degradation (Wu et al. 2012). The tank water at the International Antarctic Centre is treated 

with Ozone which may be contributing to DNA degradation (Cataldo 2006). Similarly, the 

BLASTN results for two of our samples (IAC06 and IAC08) failed to align with sequences in 

the database. Additionally, two samples (LBP29 and IAC01) flagged a high number of close 

alignments with other species, the majority of which are not found in New Zealand. As we 

move forward with these methods we will need to investigate these issues as they could lead 

to erroneous conclusions. Further optimisation is therefore required to improve the sensitivity 

of our protocol design before this study can be expanded to monitor wild kororā populations. 

We were unable to extract and amplify DNA directly from the little penguin feathers, 

despite using a protocol that had previously been successful with feathers from other species. 

While we used the Invitrogen PureLink extraction kit, Clark et al. (2013) successfully 

extracted DNA from penguin feathers used a modified version of the Qiagen DNeasy kit. 

Comparatively, Banks et al. (2002) used a high salt protocol (White et al. 1990). Therefore, 

future analysis could explore alternative kits for extractions from feathers. However, both 

Banks et al. (2002) and Clarke et al. (2012) used feathers plucked directly from penguins 

while our feather samples were of unknown age and had been stored at room temperature; 

therefore, DNA degradation is likely to be higher. Peucker et al. (2009) used recently 

moulted feathers in their extractions, which could be a non-invasive option for further feather 

analysis. Despite DNA degradation posing a challenge in our study, DNA has been 

successfully extracted from the subfossil feathers of moa using the Qiagen Dneasy kit 

(Rawlence et al. 2009). We suggest looking to aDNA protocols when extracting potentially 

degraded DNA, including those designed for museum specimens (Horváth et al. 2004; 
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Speller et al. 2011). While we increased our incubation step considerably from the 

manufacturer's protocol to improve cell digestion, other steps could be taken to potentially 

increase the success of extractions, for example, by heating the buffer to 70 °C immediately 

before the lysis step (Peters et al. 2020), alternatively using buffers with a higher 

concentration of dithiothreitol (DTT) or detergents (Campos and Gilbert 2019). Given the 

primary purpose of this study was to develop eDNA methods, and we had success extracting 

DNA from feather water, we did not pursue this avenue further and instead focused on 

feather water and tank samples. 

The use of enclosed Sterivex units for filtering our samples improved the first stage of 

the eDNA process. Using a syringe was faster than gravity filtration and didn't require 

leaving eDNA samples at room temperature for extended periods. Likewise, filter units 

negated the need to transport large amounts of liquid into the laboratory and allowed for 

filtering directly from the penguin tank. The process of filtering was simple and could easily 

be outsourced to community scientists with minimal training. Sterivex filters have previously 

yielded greater amounts of eDNA compared to other filter types, including glass fibre filters 

(Spens et al. 2017). However, Li et al. (2018) found Sterivex units did not perform as well as 

Mixed Cellulose Ester (MCE) membrane filters, though the difference was minimal, and 

Sterivex units were still recommended for filtering water samples in the field. Takahashi et al. 

(2020) also compared Sterivex units to Glass Fibre filters and found a greater sensitivity in 

the Sterivex units. However, whilst Sterivex units outperformed Glass Fibre filters when the 

concentration of eDNA in the environment was low, the opposite was true when 

concentration was high. It is important to consider such variations in future studies, especially 

when looking to draw comparisons between datasets. 

In this study, we utilised traditional PCR and while traditional PCR is used for single-

species detection in eDNA studies (Ficetola et al. 2008; Jerde et al. 2011; Goldberg et al. 
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2011; Dejean et al. 2012), as the field has progressed, quantitative PCR (qPCR) has become a 

more common method (Mcoll-Gausden et al. 2019). The benefit of qPCR is that it allows for 

a quantification of copy number and an improved understanding of the amount of eDNA in 

the environment (Cristescu and Herbert 2018; Beng and Corlett 2020). Recent advances in 

technology have seen the application of methods such as droplet digital PCR (ddPCR), the 

development of this technology has been critical for the novel application of eDNA surveys 

to fields such as population genetics (Doi et al. 2015; Baker et al. 2018). Regardless of the 

method used, the amplification of DNA can lead to the introduction of biases in eDNA 

studies. These concerns have been highlighted and reviewed extensively by Lear et al. 

(2018). In particular, contamination can introduce false positives and lead to erroneous 

conclusions. While the uncertainty we saw in our BLASTN results may be down to multiple 

sources of DNA in the penguin tank, contamination may also have been introduced during 

our laboratory work. This is of particular concern for our tank samples as the gel indicated 

there had been a low level of contamination in the negative control (Fig. 4.2). In their 

extensive review on eDNA methods Lear et al. (2018) recommends the use of a laminar flow 

cabinet with UV light for a PCR setup, the use of both positive and negative controls and an 

awareness of the potential biases and error in amplification methods. For eDNA analysis, 

replicate PCRs are recommended to account for amplification error. Moving forward in our 

protocol design and considering applying our methods to wild populations, we need to further 

investigate minimising and accounting for potential contamination in the laboratory. 

When applying eDNA surveys in a New Zealand context, it is critical to consider the 

management of the genetic data generated. The kororā is a taonga species and therefore 

require a consultation with the relevant Iwi, Rūnanga, and Hapū. However, researchers must 

take care not to project a one-sided discussion and continue communications and 

collaboration beyond these early stages (Collier-Robinson et al. 2019). Research frameworks 
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should be co-developed regarding genetic data (Collier-Robinson et al. 2019; Holdaway et al. 

2017; Handsley-Davis et al. 2020). Likewise, Māori voices, priorities and concerns should be 

centred in New Zealand's genetic research, and eDNA is no exception. In their publication of 

the genomes of five taonga penguin species, including the kororā, Pan et al. (2019) stressed 

that though the data is publicly available, it is critical for researchers seeking to utilise taonga 

genomes engage with Iwi, Hapū and Rūnanga and show respect to the cultural significance of 

genomic data. Alternatively, genomic data has been stored on password protected databases, 

ensuring communication (Galla et al. 2019, 2020). If implemented collaboratively, with 

protections in place for genetic data, applying eDNA in the New Zealand context could help 

improve the conservation outcomes for taonga species such as the kororā, while minimising 

the impact on a culturally significant species. 

Non-invasive molecular tools, such as eDNA, should be investigated for monitoring 

New Zealand's endemic fauna as stress responses in wildlife are often difficult to assess 

(Bejder et al. 2009; Romero et al. 2015; Tablado and Jenni 2017). Reported responses of 

kororā to human interactions vary from no response to having an impact on breeding (Klomp 

et al. 1991; Dann 1992; Carroll et al. 2016). Captive penguins have been reported to increase 

aggression and avoidance in response to visitors at zoos (Sherwen et al. 2015) while 

increasing visitor distance reduced stress behaviours (Chiew et al. 2019). Understanding 

stress in response to tourism is important, as kororā are a species that attracts tourists across 

both Australia and New Zealand (Dann and Chambers 2013; Carroll et al. 2016). While the 

long-term effects of research disturbance on reproductive success are unclear (Vertigan and 

McMahon 2012), kororā experience a greater increase in the hormone corticosterone than 

other penguin species in response to stressors, such as handling (Carroll et al. 2016; Cockrem 

et al. 2017). Carroll et al. (2016) found that prior disturbance led to an increase in both 

hormone response and aggressive behaviour during consequent handing. However, Cockrem 



113 

et al. (2017) found little difference in corticosterone levels across two successive years of 

sampling. Despite this uncertainty, it is considered best practice to avoid the disturbance of 

species where possible (Costello et al. 2016; Zemanova et al. 2020; Steinmetz et al. 2021). 

While handling by researchers may be stressful for an individual, the information gained 

through the research can be invaluable; however, non-invasive methods can be implemented 

alongside traditional surveys (Young et al. 2019; Steinmetz et al. 2021). Carroll et al. (2016) 

highlighted the value of investigating less invasive methods for monitoring kororā. We 

suggest eDNA should be considered for non-invasive genetic sampling. As a growing field, 

eDNA surveys could be used to inform conservation concerns for kororā and other endemic 

species. 

 

4.4.1 Understanding trophic interactions 

DNA metabarcoding of faecal DNA can be used to make inferences about trophic 

interactions. For example, a recent metabarcoding study used faeces from latrine sites to 

assess the died of an endangered New Zealand penguin, the hoiho (or yellow-eyed penguin; 

Young et al. 2019). Similar methods have already been utilised to monitor the Australian 

population of little penguins on Phillip Island (Cavallo et al. 2018, 2020). In the case of soft-

bodied prey, eDNA outperforms traditional dietary analyses, which are bias against 

gelatinous organisms such as salps, a component of the Phillip island little penguin diet 

(Cavallo et al. 2018). Thus, eDNA not only provides comparable identification data to 

traditional monitoring methods, but eDNA surveys can provide additional information on 

trophic interactions. While eDNA surveys can address biases in traditional monitoring 

methods such as stomach flushing, they are not without biases themselves. Critically, eDNA 

surveys do not provide data on prey quality metrics such as size, biomass or proportion, and 

are proposed as a complementary tool, not a replacement for conventional dietary analysis 

(Young et al. 2019). Likewise, eDNA cannot differentiate between direct predation and 
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secondary prey consumption, e.g. DNA may be detected from taxa previously consumed by 

prey species prior to predation (Cavallo et al. 2018), though the likelihood of the DNA of 

gelatinous organisms persisting through multiple digestions is low (Cavallo et al. 2018) and 

secondary prey is still a key component of the food web. Long term monitoring of faecal 

DNA can infer both short-term (e.g. weekly; Cavallo et al. 2020) and long-term (e.g. 

seasonal; Cavallo et al. 2018) shifts in diet and be used to assess community dynamics, 

particularly in the face of disturbance. Further, faecal eDNA could be utilised to inform 

ecosystem-based management through comparisons with concurrent datasets such as local 

fisheries catch or annual kororā reproductive success. For example, Cavallo et al. (2018) 

combined faecal DNA metabarcoding with data on breeding stage to assess changes in 

foraging patterns. In addition to breeding stage, Cavallo et al. (2020) combined faecal DNA 

data with data from Automated Penguin Monitoring Systems (APMS; Chiaradia and Kerry 

1999). These monitoring systems generate data on penguin weights and foraging lengths by 

scanning passive identification transponder (PIT) tags as the penguins pass over 

weighbridges between foraging trips. Cavallo et al. (2020)  discussed the benefits of 

combined monitoring tools for more sensitive monitoring of prey availability in the local 

ecosystem. This could be particularly beneficial in prey species that quickly outgrow kororā 

predation, as it could be used to monitor juvenile cohorts (Cavallo et al. 2020). Long term 

monitoring of diet is important for increasing the sensitivity of ecosystem monitoring, and 

faecal DNA metabarcoding could increase the adaptability of kororā conservation by 

providing an early warning for potential disturbances in the food chain (Cavallo et al. 2018, 

2020). It is critical that monitoring of kororā diet is implemented regionally as kororā prey 

species can vary considerably between colonies (Fraser and Lalas 2004; Flemming et al. 

2013; Flemming and van Heezik 2014; Wilson and Mattern 2018). Thus, molecular tools 
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could inform regionally specific conservation management for the Banks Peninsula kororā 

and contribute to our understanding of the health of the local marine ecosystem. 

 

4.4.2 Distribution mapping 

Environmental DNA can be used to look at species across an ecosystem. A recent study by 

Jeunen et al. (2020) compared eDNA extractions to Baited Remote Underwater Video 

(BRUV) surveys at Rakiura (Stewart Island, New Zealand). While the study indicated several 

potential biases, Jeunen et al. (2020) highlight the breadth of taxa that can be detected using 

eDNA, including penguins. Few papers have looked at the detection of penguins in the 

marine environment. Mariani et al. (2019) detected chinstrap penguins in sponges (Porifera) 

collected from the Antarctic Peninsula. While previous studies have extracted penguin DNA 

in controlled systems such as aquariums (Valsecchi et al. 2020) and zoos (Ushio et al. 2018). 

Environmental DNA surveys could potentially be implemented across New Zealand to detect 

the foraging grounds of kororā. We recommend such surveys also target kororā predators and 

prey DNA to get a more complete picture of species interactions. While there is value in 

monitoring kororā as a conservation dependent species, they have also been suggested as 

potential indicators of disturbance in the marine environment (Dann and Chambers 2013; 

Chilvers 2017). Through metabarcoding such indicator species as proxies, we can inform 

assessments of marine health (Barnes and Turner 2016; Baillie et al. 2019; Closek et al. 2019; 

DiBattista et al. 2020). In order to implement an ecosystem-wide survey, further work would 

be required on DNA persistence and dispersal, though current research indicates a distinction 

between the eDNA detected at different marine sites and different depths (Jeunen et al. 2018, 

2019, 2020). Additionally, the early success of community science initiatives such as the 

Open Waters Aotearoa, Wai tūwhera o te Taiao programme 

(https://www.epa.govt.nz/commVunity-involvement/open-waters-aotearoa/) indicates a 
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potential for public engagement. Involving the public in eDNA surveys for kororā could 

increase engagement with a conservation dependant taonga species. New Zealand's coastal 

species are often impacted by both marine and terrestrial disturbances, which can pose a 

challenge to conservation efforts (Hocken et al. 2000; Croxall et al. 2012; Wilson and 

Mattern 2018; Whitehead et al. 2019). Integrating eDNA surveys with the fisheries may 

present an opportunity to better assess overlap with species such as kororā and the impact of 

primary industry on marine health (Lacoursière‐Roussel et al. 2015; Thompsen et al. 2016; 

Hansen et al. 2018; Baillie et al. 2019; Jerde 2019; Gilbey et al. 2021). Whilst still an 

application requiring further investigation, recent studies suggest eDNA may assist with 

future estimates of fish abundance, thus better-informing catch quotas (Thompsen et al. 2016; 

Hansen et al. 2018; Salter et al. 2019; Muri et al. 2020). However, we must first address the 

challenges posed by the ecology of eDNA (Elbracht and Leese 2015; Fonesca 2018; 

Bylemans et al. 2018). Monitoring disturbances in the marine environment is important, not 

just for kororā, but for a number of New Zealand's important marine species, including the 

five other penguin species that breed around New Zealand's waters; the endangered hoiho 

(yellow-eyed penguin) and near-threatened tawaki (Fiordland crested penguin, Eudyptes 

pachyrhynchus) which both breed on the mainland, as well as the endangered erect-crested 

penguin (Eudyptes sclateri), the vulnerable snares penguin (IUCN Red List, BirdLife 2020) 

and the eastern rockhopper penguin (Eudyptes filholi). 

 

4.4.3 Invasive species management  
While this study utilised eDNA to detect kororā in water samples, the protocol could 

be adapted for the surveillance of invasive species in their terrestrial habitat. In a survey of 

kororā mortalities in Otago, Hocken (2000) found that 25 % of the fatalities were predation 

events. In the cases where the cause of predation was identifiable, kororā were killed 

primarily by dogs (14 %), Mustelids (9.4 %) and sharks (8 %). Of the Mustelids, stoats 



117 

(Mustela erminea), weasels (Mustela nivalis) and ferrets (Mustela furo) all pose a threat to 

New Zealand's endemic fauna (Hocken 2000; Challis 2015; Wilson and Mattern 2018). A 

study by Hocken (2000) suggested ferrets were the most significant of the mustelid predators. 

Similarly, the predation of white-flippered penguins in Harris Bay on the Banks peninsula 

was attributed primarily to ferrets by Challies (2015). However, while ferrets pose a 

considerable threat to the kororā of Banks Peninsula, their distribution is patchy (Parkes, 

2009; Curnow et al. 2017), and their numbers declined in the early 2000s as the result of 

rabbit haemorrhagic disease (Challies 2015). By contrast, stoats are distributed across the 

Peninsula (Parkes, 2009; Curnow et al. 2017). Studies on the predation of kororā correlate 

trapping data with data on fatalities attributed to Mustaleids; thus, the species responsible for 

the fatality cannot always be determined (Challis 215, Wilson and Mattern 2018). One 

potential tool for addressing this uncertainty is eDNA. Predator species can be identified by 

extracting DNA from residual saliva in bite wounds (Mumma et al. 2014; van Bleijswijk et 

al. 2014; Peelle 2016; Drymon et al. 2019; Piaggio et al. 2020). These methods are also 

applicable to egg predation (Steffens et al. 2012; Hopken et al. 2016). However, in a study 

comparing camera traps to saliva DNA from the predated eggs of black-fronted terns 

(chlidonias albostriatus) in the Marlborough region of New Zealand, Steffens et al. (2012) 

cautioned that detectability may vary among predators. Such methods require thorough 

optimisation and validation before they are implemented in management programmes. 

Molecular methods have also been proposed for assessing prey species in the stomach 

contents of trapped stoats, with an assay designed to identify kiwi DNA (Apteryx spp.; 

Harmoinen 2019). Such studies could contribute to the research priorities identified by 

Mattern and Waters (2018), specifically identifying the cause of mortalities in monitored 

colonies, such as the white-flippered penguins of Banks Peninsula. Additionally, eDNA 

surveys could contribute to identifying the regional impacts of predators on kororā. 
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Mapping the distribution of invasive predators informs subsequent management and 

control; thus, monitoring is an essential aspect of New Zealand's Predator Free 2050 initiative 

(Tompkins, 2018). In addition to an extensive trapping programme (Pickerell et al. 2014), the 

Department of Conservation utilises predator detection methods, e.g. tracking tunnels and 

camera traps (Pickerell et al. 2014), to assess the success of trapping in an area or for the 

surveillance of predator-free sites (Parlato and Armstrong 2018).  Environmental DNA 

surveys could contribute to a clearer picture of trapping success or failure. In Europe, Ushio 

et al. (2017) utilised water samples to detect terrestrial mammals, including Mustelids. 

Similar applications could improve our understanding of Mustelid distribution in regions 

such as the Banks Peninsula, contributing to our understanding of the threat faced by kororā. 

 

4.5 Conclusions 

We successfully extracted little penguin DNA in a controlled setting from both our feather 

water and our tank water samples. While we were unsuccessful with direct feather 

extractions, this challenge emphasises the value of using environmental samples. Short, 

degraded sequences leading to poor alignments and a high level of inferred divergence 

between samples is a concern for species delineation in future applications. However, we 

suggest that with further optimisation, our protocol will apply to wild populations of kororā. 

We recommend considering the use of enclosed filter units such as Sterivex for simplifying 

filtration steps and reducing the contamination risk during the sampling stage. With further 

optimisation, eDNA surveys could contribute to the monitoring and management of a 

conservation dependant taonga species, the kororā. Importantly, eDNA surveys are non-

invasive. Thus, eDNA methods present a promising tool for monitoring New Zealand's 

unique taxa while minimising the risks of causing harm, inducing stress and impacting 



119 

behaviour. It is critical that eDNA studies are carried out in consideration of their relevance 

to Māori whakapapa and are built on open communication with respect for data sovereignty. 

Increasingly, researchers in New Zealand are utilising eDNA for monitoring New Zealand's 

unique fauna. With continued optimisation and the development of novel applications, eDNA 

represents a promising survey method for future research in Aotearoa.  
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Chapter Five 

Synthesis and conclusions 

5.1 Summary 

In this thesis, I discuss the value of environmental DNA (eDNA) surveys and 

highlight the potential they hold for both remote Antarctic studies and future monitoring in 

New Zealand. I first reviewed the literature on eDNA studies in Antarctica, the Subantarctic 

and the Southern Ocean, identifying a limited number of studies that applied eDNA surveys 

to Antarctic vertebrates (McInnes et al. 2016; Cowart et al. 2018; Ficetola et al. 2018; 

Mariani et al. 2019). None of the Antarctic vertebrate eDNA studies I reviewed utilised snow 

as a source of eDNA (Chapter Two). I identified potential applications for future eDNA 

studies in Antarctica. For example, advances in portable sequencing technology such as the 

MinION device (Oxford nanopore) present an opportunity for real-time eDNA analysis from 

the ice (Edwards et al. 2016; Goordial et al. 2017; Ducluzeau et al. 2018; Edwards et al. 

2019; Gowers et al. 2019; Millán-Aguiñaga 2019, Johnson et al. 2017). Additionally, the 

increasing presence of base staff, researchers and tourists could be utilised for community 

sampling, as eDNA surveys require minimal training. Outsourcing samples could help tackle 

the spatial and temporal biases caused by the logistical challenges of a harsh climate and dark 

winter. 

Having identified Weddell seals as a potential target species for Antarctic eDNA 

studies in the review, I used Antarctic snow samples taken from an imprint left behind by a 

Weddell seal to develop a protocol for the sampling, extraction, amplification and sequencing 

of environmental DNA (Chapter Three). While I had limited success in extracting and 

amplifying eDNA from the snow samples, with seven successful sequences out of our thirty-

three samples, this study does represent the first extraction of vertebrate DNA from snow in 
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Antarctica. Looking at similar studies in the Northern hemisphere (Dalén et al. 2007; 

Franklin et al. 2019; Kinoshita et al. 2019), it is likely that sample size, filter removal and 

storage length limited the success of this study. While the length of time the samples spent in 

storage potentially affected our results, it does highlight the benefits of investigating portable 

sequencing technology on a continent renowned for harsh weather and travel delays. I also 

discuss the potential for future population genetic applications of eDNA in Antarctica. This 

study suggests there will be some challenges with population genetic approaches, given the 

samples were collected from a single seal imprint but displayed a high level of divergence in 

the phylogenetic tree. However, with improving technology and methods, there is potential 

for non-invasive sampling to complement current species monitoring and further increase 

sampling efforts across spatial and temporal scales. Thus eDNA has particular value for 

monitoring indicator species in priority areas such as the Ross Sea Marine Protected Area. 

While I highlight the value of eDNA surveys for informing conservation management in the 

Antarctic, this protocol requires further optimisation and standardisation before it can assist 

with these goals. 

To further develop the protocol, I shifted focus to eDNA in a New Zealand context 

(Chapter Four). I was interested in the kororā (little penguin, Eudyptula minor) for a number 

of reasons; firstly, a protocol developed for New Zealand penguins would be easier to adapt 

for their Antarctic relatives in the future. Secondly, I was able to partner with the 

International Antarctic Centre in Christchurch, home to a rescue population of kororā, 

allowing me to further develop my methods in an enclosed system. Thirdly, while the kororā 

is considered a species of least concern under the IUCN Red List (BirdLife International, 

2020), this status is conservation dependent. The species faces a number of threats in both the 

terrestrial and marine environment (Wilson and Mattern 2018). Similarly, the taxonomy of 

the kororā is unclear, with suggestions that the New Zealand and Australian/Otago 
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populations should be split into two species (Banks et al. 2002; Peuker et al. 2009; Clarke et 

al. 2012; Waugh et al. 2016). The white flippered morphotype is also regularly referred to as 

a subspecies (Eudyptula minor albosignata), despite not being officially recognised as so 

(Baker et al. 2006; Pan et al. 2019) Should the taxonomy of the kororā change, so may the 

conservation status of populations. Thus, monitoring the species is important, and 

environmental DNA could inform future management. Having identified my filtration step as 

an issue in my Weddell seal study, I opted to use enclosed Sterivex filter units as they are 

benefitial for in-field filtration (Spens et al. 2017; Tingley et al. 2019). The Sterivex filters 

also dramatically reduced my extraction time (Fig. 5.1). While direct extraction from feathers 

was unsuccessful, seven out of nine of the self-made feather water samples were successfully 

extracted, amplified and sequenced, as were all eight of the penguin tank samples. All but one 

(unaligned) sequence was grouped within the Eudyptula minor clade on my phylogenetic 

tree. However, as with the Weddell seal study, the branch lengths indicated a high level of 

divergence. There was also some uncertainty with the alignments in the BLAST database. 

Low sequence quality, and potential contamination likeley impacted this result. A 

comparison of the changes made to the Weddell seal protocol is summarised in Fig. 5.1. The 

challenges faced in the methodological development highlight the need for extensive 

optimisation of protocols, considering each stage in the process. Likewise, eDNA methods 

require clear communication, which includes discussing the challenges that arise. The 

development of detailed, standardised protocols is important for comparability in the field 

(Spens et al. 2017; Dickie et al. 2018; Lear et al. 2018). With this considered, eDNA surveys 

are a promising tool for researchers interested in monitoring both the remote Antarctic 

environment and New Zealand's unique biodiversity. 
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Figure 5.1. A summary of the methods used in the Weddell seal eDNA study (Chapter Three) 

compared to the kororā eDNA methods (Chapter Four). Highlighting the similarities and 

modifications across the stages of sampling, filtering, extracting, amplifying and sequencing eDNA. 

 

5.2 Broader implications  
Incorporating eDNA sampling into long-term environmental monitoring programs 

could support current bioassessment efforts (Barnes and Turner 2016; Pawlowski et al. 2020) 

in New Zealand and Antarctica. Investigating and incorporating novel, non-disruptive 

monitoring methods in Antarctic research contributes towards the Commission for the 

Conservation of Antarctic Marine Living Resources (CCAMLR) mandate for providing the 

'best available science' (Sylvester and Brooks, 2020). It is critical we continue to explore new 

tools to better coordinate and inform the monitoring and management of Antarctic fauna, and 

eDNA surveys are a promising development for polar research. By implementing long-term 

eDNA monitoring programs, we can construct a picture of biodiversity shifts over time, 

indicating disturbances within the ecosystem (Djurhuus et al. 2020). As eDNA technologies 

rapidly improve, the applications will continue to expand (Ruppert et al. 2019). One 
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promising area of expansion is assessing abundance and population genetics (Adams et al. 

2019; Sigsgaard et al. 2019). Likewise, eDNA could be applied to monitoring anthropogenic 

disturbance both in Antarctica and New Zealand. For example, eDNA could be used to assess 

fisheries catches (Lacoursière‐Roussel et al. 2015; Thompsen et al. 2016; Baillie et al. 2019; 

Jerde 2019; Gilbey et al. 2021). This data could be combined with metabarcoding surveys 

assessing trophic interactions to indicate the overlap between critical prey and commercially 

important species (Emami-Khoyi et al. 2016). In addition to targeting species of conservation 

concern, eDNA can potentially assess predators in the environment. For example, saliva from 

bite wounds can be barcoded to indicate the predator responsible, informing invasive species 

control (Steffens et al. 2012; Harmoinen 2019). This is particularly valuable in a New 

Zealand context and could be beneficial for informing the predator-free 2050 goals and 

contributing to the management and conservation of New Zealand's unique wildlife.  

 

5.3 Final conclusions 

Environmental DNA is a rapidly growing field, however, within Antarctic research, eDNA 

surveys remain limited to microbiology. While this has begun to shift in recent years, the 

application of environmental DNA to Antarctic vertebrates remains mostly unexplored. In 

this thesis, I aimed to address this gap by developing an eDNA protocol that utilised 

Antarctic snow to detect vertebrate eDNA, laying the foundation for future investigations into 

snow samples as a source of DNA, with a particular interest in future population genetic 

applications. I had limited success extracting Weddell seal DNA and highlight the challenges 

of optimising a protocol for remote research, with limited sample sizes and long storage 

periods potentially impacting DNA quality. Further development of the protocol was done 

from New Zealand, targeting a conservation dependant species, the kororā (Eudyptula 

minor). However, in both studies, I found a high level of divergence between eDNA samples, 
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which could be problematic for drawing population-level inferences in the future, and 

suggests further optimisation of our protocol is required. Despite these challenges, eDNA 

surveys show promise for future assessments of Antarctic and New Zealand, fauna, with 

progress being made in a number of key areas for conservation and management. There 

remains a lot of opportunity for using eDNA techniques, both on the ice and closer to home. 
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Supplementary information 

Table 1. Systematic review of the literature using Scopus. Search was done within the Title, 

Abstract, Keywords’ field using ‘Antarctic’ with the terms ‘e*DNA’, ‘environmental DNA’ 

‘Next Generation Sequencing’ (NGS), ‘High Throughput Sequencing’ (HTS), ‘barcoding’ 

and ‘Metagenomics’. Papers were excluded where the sampling was not done in Antarctica, 

the sub-Antarctic or the Southern Ocean or where genetic data were not collected from 

environmental samples. Papers were assessed and divided by the environmental source of 

DNA (water, soil, sediment, ice/snow and other). References in bold are repeats within the 

same environmental source but different search terms. Studies that targeted vertebrate DNA 

are marked with *. 

 
Sample Search 

Term 
Hit
s 

References 

Water Seawater Total 38   

e*DNA 4 Cowart et al. 2018*; Flaviani et al. 2018; Fuentes et al. 2019; 
Mariani et al. 2019* 

Environmental DNA 5 Rich et al. 2008; Rodríguez-Martínez et al. 2009; Cowart et al. 
2018*; Flaviani et al. 2018; Mariani et al. 2019* 

*barcoding 2 Zoccarato et al. 2016; Mariani et al. 2019* 

NGS 10 Ghiglione et al. 2012; Wolf et al. 2013a; Wolf et al. 2013b; Lee 
et al. 2015; Millard et al. 2016; Moreno-Pino et al. 2016; 
Flaviani et al. 2018; De Corte et al. 2019; Moss et al. 2020; 
Sadaiappan et al. 2020 

HTS 11 Alonso-Sáez et al. 2011; Lee et al. 2015; Yu et al. 2015; 
Moreno-Pino et al. 2016; Zoccarato et al. 2016; Lin et al. 
2017; Cowart et al. 2018*; Gast et al. 2018; Lin et al. 2019; Liu 
and Jiang 2020; Zhang et al. 2020 

Metagenomics 19 Alonso-Sáez et al. 2012; Grzymski et al. 2012; Wilkins et al. 
2013; Williams et al. 2013, 2014; Bertrand et al. 2015; Delmont 
et al. 2015; Lee et al. 2015; Brum et al. 2016; Gionfriddo et al. 
2016; Miranda et al. 2016; Alcamán-Arias et al. 2018; Cowart 
et al. 2018*; Alarcón-Schumacher et al. 2019; De Corte et al. 
2019; Kim et al. 2019; Yang et al. 2019a; Yang et al. 2019b; 
Sadaiappan et al. 2020; Zhang et al. 2020 

Terrestrial 
water 
bodies 

Total 27   

e*DNA 1 Fröls et al. 2012 

Environmental DNA 1 Karr et al. 2005 

*barcoding 0  
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NGS 4 Lagkouvardos et al. 2014; Li et al. 2020b; Picazo et al. 2019; 
Weisleitner et al. 2019 

HTS 5  Archer et al. 2014; Quiroga et al. 2015 Archer et al. 2016; 
Schiaffino et al. 2016; Cho et al. 2020 

Metagenomics 17 Ng et al. 2010; Lauro et al. 2011; Yau et al. 2011; Durso et al. 
2012; Demaere et al. 2013; Huang et al. 2013; Yau et al. 2013; 
Lagkouvardos et al. 2014; Lõpez-Bueno et al. 2015; Simmons 
et al. 2015; Tschitschko et al. 2015; de Cárcer et al. 2016; Cornet 
et al. 2018; Tschitschko et al. 2018; Hamm et al. 2019; Yang et 
al. 2019; Li et al. 2020b 

Soil   Total 43   

e*DNA 1 Fraser et al. 2018 

Environmental  DN
A 

8 Cieśliński et al. 2009b; Cieśliński et al. 2009a; Rao et al. 2012; 
Teasdale et al. 2013; Pansu et al. 2015; Czechowski et al. 
2016b; Czechowski et al. 2016a; Fraser et al. 2018 

*barcoding 6 Pansu et al. 2015; Czechowski et al. 2016a; Fraser et al. 2018; 
Khomich et al. 2018; Rippin et al. 2018; Canini et al. 2020 

NGS 6 Bergstrom et al. 2015; Pessi et al. 2015; Baeza et al. 2017; Yan 
et al. 2017; Borsetto et al. 2019; Weisleitner et al. 2019 

HTS 12 van Dorst et al. 2014; Cox et al. 2016; Czechowski et al. 2016a; 
Czechowski et al. 2016b; Tahon et al. 2016; Wei et al. 2016; 
Cong et al. 2017; Kleinteich et al. 2017; Chua et al. 2018; 
Khomich et al. 2018; Han et al. 2019; Rego et al. 2019 

Metagenomics 25 Berlemont et al. 2009; Cieśliński et al. 2009a; Cieśliński et al. 
2009b; Heath et al. 2009; Berlemont et al. 2011; Hu et al. 2012; 
Pearce et al. 2012; Bartasun et al. 2013; Berlemont et al. 2013; 
Chan et al. 2013; Winsley et al. 2014; Amos et al. 2015; 
Anderson et al. 2015; Baeza et al. 2017; Goordial et al. 2017b; 
Ji et al. 2017; Pulschen et al. 2017; Santamans et al. 2017; 
Donovan et al. 2018; Van Goethem et al. 2018; Borsetto et al. 
2019; Li et al. 2019a; Molina-Montenegro et al. 2019; Oh et al. 
2019; Yuan et al. 2019 

Sedimen
t 

  Total 22  

e*DNA 0  

Environmental DNA 7 Gordon et al. 2000; Habura et al. 2004; Karr et al. 2005; 
Pawlowski et al. 2005; Jaraula et al. 2010; Pawlowski et al. 
2011; Ficetola et al. 2018* 

*barcoding 3 Fonseca et al.  2017; Brannock et al. 2018; Vause et al. 2019 

NGS 1 Weisleitner  2019 

HTS 6 Emil Ruff et al. 2014; Archer et al. 2015; Fonseca et al.  2017; Li 
et al. 2019a; Cho et al. 2020; Li et al. 2020a 

Metagenomics 6 Huang et al. 2013; Hopkins et al.  2014; Matos et al. 2016; 
Vishnivetskaya et al. 2018; Centurion et al. 2019; Millán-
Aguiñaga et al. 2019 

Ice/Snow   Total 12   
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e*DNA 0   

Environmental DNA 0   

*barcoding 2 Davey et al. 2019; Soto et al. 2020 

NGS 1 Weisleitner et al. 2019 

HTS 7 Webster-Brown et al. 2015; Lopatina et al. 2016; Sommers et 
al. 2018; Gast et al. 2018; Campen et al. 2019; Lutz et al. 2019; 
Sommers et al. 2019a 

Metagenomics 5 Shtarkman et al. 2013; Antony et al. 2016; Gionfriddo et al. 
2016; Lopatina et al. 2016; Sommers et al. 2019b 

 Other Air Total 3   

e*DNA 0   

Environmental DNA 0   

*barcoding   

NGS 2 Weisleitner et al. 2019; Kobayashi et al. 2016 

HTS 1 Bottos et al. 2014 

Metagenomics 1   

Rock Total 13   

e*DNA 1 Vause et al. 2019 

Environmental DNA 1 De la Torre et al. 2003 

*barcoding 4 Coleine et al. 2018; Coleine et al. 2019; Coleine et al. 2020a; 
Coleine et al. 2020b 

NGS 0  

HTS 4 Archer et al. 2017; Lacap-Bugler et al. 2017; Rego et al. 2019; 
Coleine et al. 2020b 

Metagenomics 4 Chan et al. 2013; Le et al. 2016; Guerrero et al. 2017; Li et al. 
2019b 

Microbial 
Mat 

Total 14   

e*DNA 0   

Environmental DNA 1 Callejas et al. 2011 
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*barcoding 0  

NGS 3 Zawar-Reza et al. 2014; Koo et al. 2017a; Koo et al. 2017b 

HTS 7 Tytgat et al. 2014; Pessi et al. 2016; Johnson et al. 2017; Koo et 
al. 2017a; Pessi et al. 2018; Almela et al. 2019; Lezcano et al. 
2019 

Metagenomics 6 Zawar-Reza et al. 2014; Koo et al. 2016; Velázquez et al. 2016; 
Koo et al. 2017a; Zaikova et al. 2019; Dillon et al. 2020 

Bio film Total 1   

e*DNA 0   

Environmental DNA 0   

*barcoding 0   

NGS 0   

HTS 0   

Metagenomics 1 Tighe et al. 2017 

Faeces Total 7   

e*DNA 0   

Environmental DNA 0   

*barcoding 0  

NGS 2 Varsani et al. 2014; McInnes et al. 2016* 

HTS 4 Medeiros et al. 2016; Neira et al. 2017; Yew et al. 2017; 
Morandini et al. 2019 

Metagenomics 1 Grzesiak et al. 2020 
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